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Abstract 
Creation of Peptide-based Oligomers and Tailored Surfaces as Piezoelectric Biomaterials  
 
Haley Marie Grimm, PhD 
 
University of Pittsburgh, 2019 
 
 
 
 
Peptides and proteins are advantageous as biomaterials due to their biocompatibility and 
flexible nature. A growing understanding of sequence/structure relationships and the conception 
of unnatural foldamers, scaffolds that can mimic folds similar to those found in nature, has opened 
doors to new architectures and materials properties. These scaffolds have shown promise as 
biosensors and bioelectronics. Hindering such work, however, is the fact that the surface 
environment can have profound effects on the predictability of folding behavior. This can result in 
a loss of stability or activity when a sequence of interest is tethered to an inorganic substrate. This 
dissertation details my work towards understanding how biomolecule folding is affected by surface 
properties and how molecular and surface properties combine to affect the inherent 
electromechanical nature of peptides and foldamers.  
Chapter 2 explores the molecular origins of the piezoelectric response (the mechanical 
deformation arising from an electrical input) of peptide and peptoid self-assembled monolayers 
(SAMs). A series of designed molecules, where side chain and backbone composition was varied 
to alter the folding propensity, was used to test the hypothesis that backbone conformation 
influences electromechanical response. The piezo response of polar monolayers arising from the 
self-assembly of these molecules on a substrate was quantified by piezoelectric force microscopy. 
I conclude that backbone rigidity is an important determinant in peptide electromechanical 
response.  
 v 
Chapter 3 aims to expand our understanding of the influence surface attachment has on 
peptide and protein conformation. A series of synthetic peptides were incorporated onto tailored-
composition alkanethiol SAMs on gold surfaces via copper-catalyzed azide alkyne cycloaddition. 
The resulting surfaces were examined via polarization modulated infrared reflection absorption 
spectroscopy (PM-IRRAS) to assess peptide conformational preferences in response to changing 
surface properties. While surface density and polarity did not significantly alter peptide 
conformation for these systems, a more complex system, the bacterial alkaline phosphatase (BAP) 
enzyme, was affected. Upon incorporation onto our synthetic surfaces, the enzymatic activity of 
BAP was influenced by the surface context, showing a sharp decrease in activity when attached to 
a hydrophobic substrate.  
 vi 
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1.0 Introduction 
Peptides and proteins have become increasingly important players in the field of materials 
and surface science. Biomacromolecules are often touted for advantages over inorganic 
counterparts such as biocompatibility, biodegradability, and flexibility. These advantages translate 
to potential uses of biomaterials in implantable and wearable devices, biomedicine, bioelectronics, 
and biosensing. The macroscopic materials properties of natural peptides and proteins have been 
studied for decades, beginning with collagen and spider silk.1 Since then, design efforts, informed 
by an increasingly sophisticated understanding of sequence/structure relationships, have led to 
materials with unprecedented properties, such as reversible adhesives2, self-assembling 
nanoparticles3, and stimuli responsive hydrogels.4  
Peptides and proteins are attractive for their capacity to self-assemble and vast potential 
sequence space; the structural diversity possible in peptides and related oligomers has been 
expanded greatly through advances in solid phase synthesis and heterologous expression with non-
canonical amino acids.5-6 Thus, peptides and proteins can be readily modified by the introduction 
of a wide variety of amide bond forming monomers, expanding upon the twenty canonical amino 
acids. Such efforts are complemented by an expanding toolbox of chemoselective reactions 
capable of site-specifically functionalizing side chains or termini.7 Finally, peptides are also 
attractive in materials contexts because of the high polarity of the peptide bond (3.6 D per residue). 
When a helical conformation is adopted, these dipoles align, creating a macrodipole favoring 
directional electron transfer.8-9  
Peptides, proteins, and their synthetically modified derivatives have been explored as 
materials through a variety of lenses. Taking advantage of known sequence/structure relationships, 
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‘smart materials,’ which are reversibly responsive to environmental conditions, have been 
developed by creating highly-designed supramolecular assemblies.1 Photo-responsive materials 
are one example that has gained traction due to the non-invasive nature of optical triggers and the 
high degree of spatial and temporal control.10 Biosensors and drug-delivery vehicles are just a few 
examples of practical applications these materials have found thus far.10 Taking cues from nature, 
protein-based biomaterial research has also bridged into the field of data and information storage.11 
Biomaterial-based memory has been developed by utilizing electron transfer mechanisms 
perfected through evolution.11 On the small peptide front, sequences with antimicrobial properties 
have been explored as antifouling and antimicrobial coatings. Antimicrobial peptides have been 
shown to prevent the formation of biofilms, a shared concern across fields such as medical devices, 
food processing, and water filtration.12-17 Coatings of these peptides can kill pathogens adhered to 
a surface through outer membrane disruption.15  
Coiled-coil peptides are a compelling example of how a comprehensive understanding of 
peptide design principles can translate to the creation of modular and tailored assemblies. The rules 
governing the folding, oligomerization states, and arrangement of coiled-coil peptides, a common 
folding motif found in nature, have been studied extensively. Coiled-coils are defined as two or 
more α-helical peptides that self-assemble, typically, in a left-handed twisted superstructure 
through the tight packing of hydrophobic side chains along the interacting face. These structures 
have a heptad sequence repeat unit denoted as (abcdefg)n, where n is the number of repeat units 
(Figure 1A). Residues at the a and d heptad positions, located in the interfacial region, are typically 
hydrophobic. The e and g positions are typically polar, charged amino acids which can create 
stabilizing electrostatic interactions if complementary charged pairs are placed on a neighboring 
helix in the bundle. The exact residue chosen for each of these positions in the heptad specify the 
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size of the helical bundle, or oligomerization state, as well as topology (parallel versus antiparallel 
helical arrangements) and thermodynamic stability.  
 
Figure 1. Overview of coiled-coil structures highlighting how the manipulation of sequence affects the structures 
that can be formed. (A) Helical wheel representation for two possible coiled-coil orientations and the most common 
residues at each position. Image adapted with permission from ref. 18. Copyright 2018 Royal Society of Chemistry. 
(B) Metal-coordinated polymers, nets, and frameworks based on a coiled-coil structure. Image adapted with 
permission from ref. 19. Copyright 2017 American Chemical Society. (C) Coiled-coil origami, 3D structures 
obtained from SAXS analysis (top) and the representative design schemes for each (bottom). Image adapted with 
permission from ref. 18. Copyright 2018 Royal Society of Chemistry. (D) Scheme for the self-assembly of coiled-
coil dimers into nanofiber materials. Image adapted with permission from ref. 20. Copyright 2008 American 
Chemical Society. 
One of the first biomaterials based on coiled-coils was reported by the Woolfson lab; their 
designed peptide fibers assembled through “sticky ends” incorporated through e and g heptad 
positions occupied by oppositely charged residues at the N and C-termini.21 This work opened the 
door for new materials such as pH responsive coiled-coil nanofibers20, nanotubes22, or even more 
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complex, 3D structures such as self-assembling cages23 and metal-coordinated nets and 
frameworks (Figure 1).19 The designable platform that coiled-coils provide has allowed the field 
of protein-based origami (CCPOs) to flourish; currently, 3D cages in a variety of geometric shapes, 
such as tetrahedrons, square pyramids and triangular prisms, with a range of cavity sizes have been 
designed and realized.18 These coiled-coil biomaterials show promise for drug delivery systems 
and many biological applications.24  
The utilization of sequence/structure relationships for the creation of materials extends far 
beyond naturally occurring building blocks; bio-inspired “foldamer” scaffolds have also been 
investigated as biomaterial components. The term “foldamer,” coined by Gellman, refers to 
polymers that fold into specific compact conformations, which are often used in the study and 
mimicry of biopolymers such as proteins.25 In the biomaterials realm, foldamers have many similar 
advantages to peptides and proteins, however, foldamers also have the capability to form structures 
or achieve functions different from those found in nature (Figure 2). For instance, anion 
recognition sensors using halogen and hydrogen bonding foldamers were developed through self-
assembly on gold electrodes.26 2D molecular patterning has been achieved on surfaces by 
alternating oligoamide turn inducers and long alkane spacers.27 Modifications to solid surface 
electronic properties were induced by small alterations to the backbone composition of non-
canonical dipeptides.28 Finally, foldamers based on amphiphilic oligo(meta‐phenylene ethynylene) 
exhibit reversible, light-induced helix-coil transitions and show promise as delivery vehicles or 
dynamic receptors.29 
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Figure 2. Examples of foldamer-based materials. (A) Peptoid-based antifouling polymer brushes that prevent cell 
attachment to biointerfaces. Image adapted with permission from ref. 30. Copyright 2015 American Chemical 
Society. (B) 2D lattices formed from alternating turn elements and alkane spacers. Image adapted with permission 
from ref. 27. Copyright 2012 American Chemical Society. (C) Semiconducting solid surfaces functionalized with 
non-canonical dipeptides resulted in changes to surface electronic properties. Image adapted with permission from 
ref. 28. Copyright 2017 Royal Society of Chemistry. 
One particular class of peptidomimetic polymers, known as peptoids, have gained 
popularity as supra- and macromolecular biomaterials due to their modular synthetic route and 
tailored folding capabilities.31 Peptoids differ from peptides in the placement of their side chains, 
which are attached to the amide nitrogen rather than the Cα resulting in a tertiary amide backbone 
and the elimination of backbone hydrogen-bonding (Figure 3A). Synthesis of peptoids is achieved 
via a solid phase submonomer approach first introduced by Zuckerman and later translated into a 
modern microwave solid phase synthesis protocol by Blackwell (Figure 3B).32,33 This approach 
involves coupling bromoacetic acid onto a polymer resin and subsequent SN2-type displacement 
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of the halide with the desired primary amine, many of which are commercially available.34 The 
Zuckerman group has created an assortment of peptoid architectures including water-soluble 
nanosheets35 and monodisperse superhelices (Figure 3).36 Peptoid polymers have been studied in 
a variety of contexts including controlling the nucleation and growth of inorganic crystals,37 
studying electron transfer through incorporation of porphyrins to a peptoid helix,38 mimicry of 
materials such as collagen39 and poly(ethyleneoxide) ((PEO)-based) matertials,40 and creation of 
1D metal-organic frameworks.41  Zwitterionic peptoid polymers have also been explored as 
antifouling polymer brushes to prevent non-specific protein adsorption and cell attachment to 
biointerfaces.30  
 
Figure 3. The structure, synthesis, and some materials developed with peptoid foldamers. (A) Comparison of 
peptide and peptoid backbone structure. (B) Submonomer synthesis approach commonly used to build peptoid 
oligomers. Image adapted with permission from ref. 31. Copyright 2013 American Chemical Society. (C) 
Superhelices formed from peptoid amphilies. Image adapted with permission from ref. 36. Copyright 2010 
American Chemical Society.  (D) Free-floating ultrathin 2D nano-sheets formed from peptoid amphiphiles through 
aromatic interactions and electrostatic recognition. Image adapted with permission from ref. 35. Copyright 2010 
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Nature Publishing Group.  (E) PEO-mimetic peptoid homopolymers with lithium salts studied as new polymer 
electrolytes. Image adapted with permission from ref. 40. Copyright 2012 American Chemical Society. (F) A 
peptoid collagen mimetic. Image adapted with permission from ref. 39. Copyright 1998 Wiley. 
1.1 Biomolecule Surface Chemistry 
For many of the designed biomaterials described above to be realized, the desired 
biomolecule must be deposited onto a surface. Peptides and proteins can be attached noncovalently 
onto surfaces, such as mica or graphite, or covalently onto functionalized metal surfaces. Covalent 
functionalization methods tend to be more robust and reproducible.42 A number of biorthogonal 
strategies have been developed for the covalent functionalization of peptides to surfaces including 
oxime linkages43, thiol-ene reactions44, copper-mediated click reactions45, His-Tag adsorption46, 
and surface aldehyde functionalization.47 However, the most popular method is self-assembly on 
gold though Au-S bonds. The creation of self-assembled monolayers (SAMs) of peptides draws 
on the vast literature surrounding the formation of alkanethiol SAMs on gold substrates.48-51 
Alkanethiol SAMs are formed by simply dipping the substrate into a solution of the desired 
alkanethiol(s). The mechanism of formation is thought to consist of a fast nucleation at the surface, 
followed by slow growth, chain rearrangement, and coalescence of vacancy islands, ultimately 
creating a well-ordered, densely packed two-dimensional surface.9 Hydrophobic, van der Waals 
interactions drive the ordered packing of these monolayers.  
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Figure 4. Self-assembly scheme for short, helical peptides onto a gold surface. Similar to alkanethiol SAMs, 
densely packed and well-ordered peptide SAMs are formed when a gold surface is dipped into a peptide solution.  
Short, hydrophobic peptides have been shown to form densely packed SAMs, similar to 
alkanethiol SAMs (Figure 4).52 Peptide SAMs are formed in a similar manner, this time relying 
on the interchain interactions among nearby oligomers. Peptides are readily incorporated into self-
assembled monolayers on gold through functionalization of the peptide with a thiol group, 
disulfide group, or utilizing the naturally occurring cysteine side-chain.9 Foldamer SAMs have 
also been investigated. The Huc lab constructed single monolayers of helical oligo-
quinolinecarboxamide foldamers on gold substrates and observed efficient vertical charge 
transport.53 Gellman and Abbott explored SAMs formed by β-peptides, which may have 
advantages such as increased proteolytic stability compared to α-peptides.54 Polarization 
modulated infrared reflection absorption spectroscopy (PM-IRRAS) studies revealed the effect of 
β-peptide sequence on SAM internal order, wherein the globally amphiphilic peptide produced 
highly organized SAMs.54 Non-globally amphiphilic β-peptide SAMs revealed a higher degree of 
disorder (Figure 5). 
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Figure 5. (A) Design for a globally amphiphilic β-peptide (GA-SH) and its isomer (iso-GA-SH), which has an even 
distribution of hydrophilic side chains. (B) A respresentation of the SAM packing of GA-SH and (C) iso-GA-SH as 
determined by PM-IRRAS. Image adapted with permission from ref. 54. Copyright 2007 American Chemical 
Society. 
Creation of peptide SAMs is a particularly useful strategy for the construction of 
bioelectronic devices because the attachment of the peptide to a surface provides a mechanism to 
control the direction and magnitude of the molecular dipole relative to the surface. The directional 
electron transfer through an α-helical peptide can be controlled by the orientation of the molecular 
dipole, which was demonstrated by attaching an α-peptide to a surface via the N and C terminus, 
respectively, effectively switching the direction of the molecular dipole with respect to the gold 
substrate.55 Similarly, helical peptides carrying a redox active ferrocene moiety were used to show 
that the electron transfer rate is dependent on the helix dipole direction relative to the surface.56 
Devices created by the Ashkenasy lab used artificial coiled-coil peptides in parallel or antiparallel 
configurations that were self-assembled into monolayers with a pre-determined dipole 
orientation.57 The direction and magnitude of the molecular dipole effectively modulated the gold 
work function (Figure 6), again highlighting the advantages of merging designed peptides and 
SAMs to create functional materials.57 Recently, research from the Waldeck lab and others has 
emphasized the important role of chirality for the electronic properties of helical peptide SAMs.58 
 10 
The spin filtering of electrons by α-helical peptide SAMs on gold was demonstrated and explained 
through the chiral-induced spin selectivity (CISS) effect, which has implications for charge 
transport and displacement in monolayers with chiral symmetry.58  
 
Figure 6. Coiled-coil based SAMs designed to have different dipole orientations relative to the surface can be used 
to modulate the gold work function. Image adapted with permission from ref. 57. Copyright 2010 American 
Chemical Society. 
1.2 Peptidic and Bio-inspired Piezoelectrics  
A particularly interesting class of bioelectronics are piezoelectric materials, which are 
materials that exhibit an “electromechanical” response. For such materials, an electrical impulse 
is coupled to a mechanical action. Piezoelectric materials have a wide range of applications 
including self-powered sensors, micro-electro-mechanical systems (MEMS), and energy 
harvesting devices.59 Inherent piezo- phenomena are well documented in biological systems such 
as cellulose, collagen, DNA, proteins, and polysaccharides.60-62 The creation of bio-inspired 
piezoelectric materials aims to take advantage of the inherent electromechanical properties present 
in many bio-architectures, with the goal of tuning these native properties for specific applications. 
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Hindering the creation of such piezo-materials is the poorly understood relationship between 
molecular properties and the magnitude of a molecule’s piezoelectric response. 
The piezoelectric effect is a reversible physical occurrence observed when a material 
converts electrical energy into mechanical energy and vice versa. This phenomenon is captured 
numerically through the piezo coefficient (d33) which is a measure of the percent geometry change 
generated by an applied field (converse effect) or the electrical charge created by an applied force 
(direct effect) along the molecular breathing mode (z-axis).63 Materials exhibiting piezoelectric 
response are non-centrosymmetric, polar, and poorly conductive. Common, well-documented 
piezo-materials include lead zirconate titanate (PZT),  zinc oxide (ZnO), and quartz with 
piezoelectric coefficients of 300-500 pm/V,64 12 pm/V,65 and 2.3 pm/V,66 respectively. The robust 
responses of these materials are counterbalanced by a number of practical issues. For instance, 
these materials are inflexible and brittle, which can result in cracking, and they often require high 
temperatures and voltages for dipole alignment.67-68 Additional drawbacks of the widely used 
piezoelectric, PZT, are the toxic effects of lead containing devices that make their implementation 
concerning due to the possibility of lead poisoning and environmental pollution.69 Although lead-
free piezoelectrics have been reported, few come close to the high piezoelectric coefficients 
observed in PZT, thus, they are insufficient for high demanding energy harvesting applications 
(Figure 7). 
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Figure 7. Comparison of the measured piezo response (d33) in pm/V of bulk biological materials (green), inorganic 
materials (red), polymer-based materials (purple), and bio-inspired materials (blue). Examples depicted include (A) 
Bulk collagen. Image adapted with permission from ref. 70. Copyright 2018 Royal Society of Chemistry. (B) DL-
alanine films. Image adapted with permission from ref. 71. Copyright 2019 American Physical Society. (C) M13 
bacteriophage. Image adapted with permission from ref. 72. Copyright 2012 Nature Publishing Group. (D) Aligned 
peptide crystals. Image adapted with permission from ref. 73. Copyright 2016 Nature Publishing Group. (E) PZT 
ceramics. Image adapted with permission from ref. 68. Copyright 2015 Taylor and Francis Publishing Group. 
 Though most of the well-studied piezoelectrics are inorganic materials, piezoelectricity 
has also been observed in semicrystalline polymers, such as polyvinylidenefluoride (PVDF) (d33 
= 33 pm/V), and polar small molecules, such as 2-methyl-4-nitroaniline (d33 = 14 pm/V) and DL- 
alanine films (d33 = 4.8 pm/V).71, 74-76 Organic small molecule and polymer crystals often exhibit 
piezoelectricity due to non-covalent  interactions, such as hydrogen bonding and π-stacking, that 
permit the material to be easily deformed.76 These materials can also have valued attributes such 
as low force and dielectric constants as well as high polarizability.71, 76 Polymer-based foams, such 
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as molecularly doped polyurethane foams, display a very high piezo response (d33 = 150-200 
pm/V) arising from substantial polarizations and large volume changes under an applied force.77 
Natural bulk materials typically show small piezo-coefficients (d33 = 1-5 pm/V), though 
some bio-inspired systems have been engineered to produce larger responses.78 One study reported 
piezoelectric dipeptide nanotubes constructed via the self-assembly of diphenylalanine peptide 
monomers that are polarized along the tube axis and estimated to have a piezo-coefficient of about 
60 pm/V.67 Another study describes the piezoelectric response of a M13 bacteriophage; increased 
charge distribution, created by engineering in greater densities of oppositely charged amino acids 
at either termini, produced a large macrodipole in the virus resulting in increased piezo activity.72 
The Achilles tendon of ox and horse, which is comprised of aligned collagen fibers, is an early 
example of piezoelectric response in natural bulk materials;61 however, recent work by the 
Thompson lab has shown that crystals of collagen subcomponents (alanine-hydroxyproline-
glycine trimers) yield an increase of two orders of magnitude in piezo response over macroscopic 
collagen.70 Aligned diphenylalanine peptide crystals have also demonstrated a significant piezo 
response.73, 79 Arrays of these polarized crystals were sandwiched between two electrodes to 
demonstrate the power generation resulting from compression of the device.73, 79 Lastly, composite 
polymer piezoelectric films were fabricated from rod-like, α-helical fibrils composed of poly(γ-
benzyl α,L-glutamate) (PBLG) and had a response of 23 pm/V.80  
A major barrier to the design of new bio-inspired piezo-active molecules is the lack of 
understanding regarding what molecular properties give rise to a strong piezoelectric response. 
Enhanced understanding of the mechanisms giving rise to piezoresponse will enable the bottom-
up design of new systems that address practical needs;81 however, few studies have given insight 
into the fundamental properties required to increase piezo-response. In one such study, the 
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Hutchison lab showed promising results from density functional theory (DFT) calculations on 
[6]helicenes and their analogues that predict d33 values greater than current organic and even some 
inorganic piezoelectrics.63 They also showed that deformation in these systems is driven by 
conformational changes rather than covalent bond stretching.63 Although synthetic inaccessibility 
remains an issue in realizing the helicene-based systems, valuable knowledge can be gained 
regarding key properties of the molecules that gave significant d33 values. These results suggest 
that the two key features necessary for piezo response at the molecular level are (1) a dipole 
moment to couple to the applied electric field and (2) a deformable conformation along a low-
energy vibrational mode. Using standard self-assembly techniques, one can easily create 
monolayers with intrinsic polar order to screen molecules for the above properties.82 As a proof of 
concept, the Hutchison lab demonstrated piezo response in simple oligo-alanine peptide SAMs.82 
Comparison of the oligo-alanine peptide monolayer to simple alkane monolayers indicated the 
conformational flexibility of the polypeptide backbone was essential for piezoresponse.82 This 
work served as one of the main inspirations for my investigations into the molecular origins of 
peptide and foldamer piezo response.  
1.3 Surface-bound Versus Bulk Solution: The Effect on Peptides and Proteins 
Amino acid sequence is the primary determinant of protein folding and function. When a 
peptide or protein is anchored to a surface, the monolayer itself may also affect folding behavior 
and thereby, properties. The environment a peptide encounters at the surface is very different from 
its environment in solution due to increased molecular crowding and potential interactions with 
the surface itself. A number of studies, using a range of surface characterization techniques,83 have 
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indicated that peptide and protein folding behavior can change drastically between a free solution 
and surface bound context. Using on-surface circular dichroism, the Wälti lab showed that the α-
helical secondary structure of a synthetic coiled-coil peptide, which was not present under identical 
solution conditions, can be induced and stabilized by a densely packed monolayer.84 Molecular 
crowding of immobilized proteins within a high-density monolayer has also been shown to 
influence the kinetics and thermodynamics of protein-ligand interactions.85 The Latour group 
demonstrated that proteins adsorbed to artificial surfaces can exhibit structural changes based on 
the amount of protein adsorbed and the functional groups present at the surface (Figure 8).86  
Human fibrinogen was adsorbed onto alkanethiol SAMs with varying terminal groups from 
solutions of different protein concentrations.86 The terminal group at the surface can either promote 
or prevent protein adsorption through interactions with amino acids at the protein interface. In this 
case, increased hydrophobicity of the terminal group led to larger amounts of protein adsorption 
and a higher degree of structural change from the native conformation.86  
 
Figure 8. Changes in secondary structure of adsorbed human fibrinogen (Fg) in functionalized SAM surfaces made 
from 0.1 mg/mL Fg in PBS solution. Changes were determined by CD of the SAMs compared to native 
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conformation. (n = 6, mean ± 95% CI). (NS denotes not significant, all other values are significantly different from 
one another; p < 0.05). Reproduced with permission from ref. 86. Copyright 2009 American Chemical Society.  
The field of plasma polymers has also provided insights into biomolecule-surface 
interactions. An early study used competitive protein adsorption as a mechanism to understand the 
effect surface polarity has on protein-surface interactions. A mixture of human serum albumin 
(HSA), human IgG, and human fibrinogen (Fgn) was exposed to various plasma polymer surfaces, 
including hexamethyldisiloxane (PP-HMDSO), acrylic acid (PP-AA), and 1,2-
diaminocyclohexane (PP-DACH).87 While adsorption of HSA and IgG were prevalent on 
hydrophobic PP-HMDSO, Fgn was found to be the prominent protein adsorbed on positively and 
negatively charged surfaces (PP-DACH and PP-AA, respectively).87 The catalytic function of 
enzymes adhered to plasma modified surfaces has also been an area of interest. Generally, better 
retention of protein function occurs when the protein is covalently bound to hydrophilic plasma 
polymer surfaces.88  
Studies comparing mammalian cell adsorption on synthetic surfaces bearing plasma 
polymers was also carried out.89 In this case, plasma polymers were used to form chemical 
“gradients,” going from hydrophobic to hydrophilic on a single surface.89 By comparing water 
contact angles, it was shown that cellular adhesion to hydrophilic surfaces is greater than 
hydrophobic surfaces, reflecting an increase in cell density across the gradient.89 Further studies 
indicate that the net negative surface charge of mammalian cells can be used to influence cellular 
adsorption onto surfaces.90 Minimizing positive surface charge while maximizing negative surface 
charge can decrease cell adhesion and proliferation at the surface.90 These studies on plasma 
polymer surfaces highlight the influence surface charge and polarity has on the adsorption of 
biomolecules and cells to surfaces as well as the functional capabilities of these molecules once 
bound to the surface.  
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Investigations into the folding thermodynamics of surface-bound proteins has also shed 
light on the various factors that stabilize or destabilize protein folds. Interactions at the protein-
SAM interface can destabilize the native protein fold as evidenced in recent work by Plaxco, where 
the folding free energy of a surface bound FynSH3 domain was measured via a redox-active probe 
and found to be destabilized as compared to the bulk solution context (Figure 9).91 However, 
Protein L, investigated by the same method, proved to be stabilized overall when introduced to the 
same hydroxy-terminated surface.92 In these systems, enthalpic contributions are generally small 
and destabilizing due to favorable interactions with the SAM interface that better accommodate 
the unfolded state.92 Entropic contributions are generally stabilizing, arising from excluded volume 
effects that restrict the number of conformations available upon surface attachment.92 The interplay 
and magnitude of these effects, which are highly dependent on the protein as well as the properties 
of the surface, will determine whether surface attachment is ultimately favorable or unfavorable 
to native folding. These studies highlight the complexity of protein-surface interactions that make 
their folding, dynamics, and activity on a surface hard to predict.   
 
Figure 9. Experimentally determined change in folding free energy of (A) FynSH3 domain (I50L variant, open 
circles; FynSH3, closed circles) for the surface-attached protein (black) and the protein when it is free in bulk 
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solution (blue). Image adapted with permission from ref. 91. Copyright 2018 National Academy of Sciences. (B) 
Folding free energy of Protein L at the surface (red) and in bulk solution (black). Image adapted with permission 
from ref. 92. Copyright 2019 Wiley. While FynSH3 is destabilized when bound to a hydroxy-terminated surface, 
Protein L is overall stabilized by the same surface.  
Biomolecule-functionalized surfaces have proven to be useful as sensors for small 
molecules and proteins. An early example is the functionalization of a gold surface with biotin 
which recognizes the protein streptavidin.93 In this system, higher packing densities limited the 
binding ability of streptavidin.93 Other examples include a structure -switching, redox-tagged DNA 
aptamer covalently bound to a gold surface via self-assembly that has been developed as an 
electrochemical sensor for the detection of cocaine and thrombin protein.94-95 Detection was 
optimized by controlling the aptamer density at the surface as well as the length of the alkanethiol 
linker, which tethers the aptamer to the surface.96 Immobilization of cytochrome c through the 
heme group onto mixed alkanethiol functionalized electrodes was studied by electrochemical 
methods,97 paving the way for the development of multilayer cytochrome c electrodes for the 
sensing and quantification of superoxide radicals.98 Surface plasmon resonance (SPR) biosensors 
are a popular detection and analysis tool that can detect analytes of interest in solution through 
biomolecular recognition.99 The surface-bound biomolecule is often an antibody, peptide, or 
aptamer which is chemically and site-specifically bound in order to create a uniform alignment 
that orients the binding site towards the sample solution.99 Finally, “smart” bio-interfaces using 
switchable surface coatings that respond to stimuli such as light, temperature, electric potential, 
pH, and ionic strength have been developed.100 These next generation biosensors aim to provide 
control over biomolecular adsorption and desorption processes.  
The implications of understanding how surface properties affect peptide folding and 
orientation extend far beyond the realm of piezo-active species to almost any bio-functionalized 
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surface application including biosensors, tissue engineering, implants, protein microarrays, and 
drug delivery vehicles.91 Consistent implementation of peptides and proteins onto surfaces is 
irregular and difficult to predict. Harnessing methodology to create tailored and tunable surfaces 
that predictably alter biomolecule conformation warrants further study. 
1.4 Project Goals 
The major goals of the projects detailed herein are to understand and control molecular and 
surface properties that dictate the folding of peptides, proteins, and foldamers on surfaces and to 
elucidate how these conformations affect properties such as piezo response. In Chapter 2, I detail 
our efforts to gain a fundamental understanding of the molecular characteristics that create a strong 
bio-inspired piezoelectric. Properties such as conformational rigidity, folding propensity, chain 
length, dipole moment, and polarizability are investigated systematically with the ultimate goal of 
informing the design of an optimized piezoelectric. Through a combination of design, synthesis, 
and solution and monolayer characterization techniques, the inherent piezo coefficients of a 
number of peptidic and bio-inspired organic oligomers are analyzed revealing important principles 
for creating soft piezo materials. 
In Chapter 3, I detail efforts to modulate surface properties, such as molecular crowding 
and polarity, as a means to further understand and control peptide-surface interactions and surface-
bound folding. Understanding the complexities of peptide-surface folding will aid in the design of 
piezoelectrics, as well as an array of other useful biomaterials. To achieve this goal, a method for 
covalently modifying surfaces with biomolecules through copper-catalyzed click chemistry is 
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developed and utilized; this methodology allows for surfaces to be readily tailored for testing an 
array of surface conditions and biomolecules.  
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2.0 Molecular Properties Influence the Piezoelectric Response of Peptides, Peptoids, and 
Bio-inspired Oligomers 
This chapter has been adapted with permission from  
1. Marvin, C.W.*; Grimm, H. M.*; Miller, N. C.; Horne, W. S.; Hutchison, G. R. 
Interplay among Sequence, Folding Propensity, and Bio-Piezoelectric Response in 
Short Peptides and Peptoids. J Phys. Chem. B 2017, 121(44), 10269-10275. (*equal 
author contribution) 
2. Miller, N.C.; Grimm, H. M.; Horne, W. S.; Hutchison, G. R. Accurate 
Electromechanical Characterization of Soft Molecular Monolayers Using Piezo 
Force Microscopy. Nanoscale Adv. 2019. Just Accepted. 
Contributions: 
This work was performed in collaboration with Christopher W. Marvin, Nathaniel C. 
Miller, and Geoffrey R. Hutchison and their specific contributions are as follows: 
Christopher W. Marvin developed the AC voltage sweep DART-PFM 
methodology and aided in the collection of PFM data on the peptide and DDT 
monolayers (Figures 16-22). Nathaniel C. Miller assisted with the XPS 
measurements of peptide, peptoid, and DDT monolayers (Figures 23 and 24) and 
calculated the monolayer thickness from the these XPS results (Table 1). He also 
developed the DC voltage sweep methodology and re-collected PFM data on a 
subset of peptide and peptoid monolayers using his methodology (Figure 33 and 
Table 2). Geoffrey R. Hutchison performed density functional theory calculations 
on peptide and peptoid helices to determine the macrodipole.  
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As alluded to in the introduction, the molecular properties that give rise to 
electromechanical response in bio-based materials is not well understood. Studies that 
experimentally evaluate the piezoelectric properties of biomolecules are far fewer than those 
describing bulk inorganic substrates. Properties thought to be important for piezo response in 
biomolecules include electrostatics, deformability, polarizability, and macrodipole moment; 
however, most of these have only been demonstrated through computation.63, 76 Chapter 2 presents 
our “bottom up” approach, combining synthesis, characterization and self-assembly, to create 
tailored piezoactive surfaces. This approach is a unique method for developing piezoelectric 
materials and experimentally determining the molecular level properties that impact this response.    
The first molecular property we sought to investigate was the relationship of peptide 
conformation to piezoelectric response. Underlying this choice was prior computational work 
performed by the Hutchison Lab which indicated that conformational deformations in single 
molecules can give rise to an electromechanical response.63 Experimentally, this phenomenon was 
demonstrated via the measured piezo response in oligoalanine peptide monolayers (Figure 10).82 
Patterned single monolayers of oligoalanines were prepared and confirmed by AFM topography. 
Piezo response was then determined against a built-in background of bare gold. Comparison of 
oligoalanine peptide monolayers to simple alkane monolayers indicated that the conformational 
flexibility of the polypeptide backbone was essential for piezo response (Figure 10).82  
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Figure 10. (A) Schematic of piezoelectric distortion through compression and extension of a molecular helix, (B) 
Molecular structures of oligopeptides CA6, A6C, and rigid alkanes DT and MUA, (C) AFM topography of 
oligopeptide CA6 (left), oligopeptide A6C (middle) and DT, (right) patterned monolayers, and (D) DART PFM 
amplitude at an applied bias of 3V for patterned CA6, A6C, and DT monolayers, showing contrast with bare gold. 
Reproduced with permission from author of ref. 82. 
Not clear from these prior experiments was the potential role of peptide folding in the 
piezoelectric output. One possibility is that the α-helix, likely favored in the Ala-rich sequences, 
can act as a polar “molecular spring” that undergoes conformational deformation in an applied 
field (Figure 11). If true, this would imply a correlation between peptide helicity and the 
magnitude of piezo response. This chapter details our systematic study into the interplay among 
peptide chemical structure, folding propensity, and piezoelectric properties, uncovering in the 
process new insights into the origin of electromechanical response in peptides and related 
oligomers. Finally, a new DART-PFM, AC voltage sweep methodology was employed to sample 
piezo response over an array of peptide conformations.  
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Figure 11. (A) Schematic depicting nanoscale piezo response of a self-assembled monolayer on gold upon applying 
an electric field. (B) Backbone chemical structures alongside models of the α-helix and PPI-helix folds formed by 
peptide and peptoid oligomers. 
2.1 System Design and Solution Characterization 
To evaluate the effect of helicity on piezo response, we designed a series of peptides (1-3) 
of identical length but varying folding propensity (Figure 12). Keeping the molecule size 
comparable among the series focuses the analysis of structure-function relationships on folding 
behavior. Peptide 1 is based on a previously reported sequence that is among the shortest known 
to show appreciable helical folded population in aqueous solution.101 This characteristic results 
from the presence of three aminoisobutyric acid (Aib, U) residues that restrict backbone 
conformational freedom and promote the helical fold. We replaced the three Aib residues in 1 with 
either alanine (Ala, A) or glycine (Gly, G) to generate peptides 2 and 3, respectively. Ala is also 
helix promoting, though to a lesser degree than Aib, while Gly is strongly helix disrupting. Each 
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peptide was functionalized with a thiol group at the N-terminus to provide an anchor point for 
attachment to gold in the fabrication of polar monolayers.  
 
Figure 12. Peptides 1-3, peptoids 4-6, and control small molecule dodecanethiol (DDT). 
A powerful strategy complementary to sequence modification for controlling folding in 
peptides is to alter the chemical structure of the backbone. Many backbone compositions differing 
from nature can give rise to discrete folding motifs.25, 102-104 One of the first artificial scaffolds 
shown to manifest such behavior is the peptoid, a variant of the α-peptide backbone where each 
side chain is transposed from Cα to N.31, 105 Folding in these structures is primarily driven by 
avoidance of steric clash between side chains and electrostatic repulsion between the π clouds of 
the aromatic side chains and the carbonyl backbone.106 Peptoids are intrinsically more flexible than 
peptides; however, incorporation of α-chiral aromatic side chains such as the (R)-α-methylbenzyl 
moiety in residue X (Figure 12) gives rise to highly rigid chains that adopt polyproline-I (PPI) 
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helical folds.105 The PPI helices formed by peptoids have ~ 3 residues per turn and contain cis 
amide bonds, rather than trans amide bonds found in peptide α-helices.107, 108   
Following logic analogous to that applied in peptides 1-3, we designed a series of peptoids 
(4-6) of identical length but systematically altered helicity by combining known structure-
promoting (X) and structure-disrupting (Z) peptoid residues in varying fractions.109-110 The 
macrodipole of the PPI helix (δ+ toward C-terminus) is oriented opposite that of a the α-helix (δ+ 
toward N-terminus). To keep the alignment of the helix dipole the same in the polar monolayers 
across the series of oligomers examined, we placed the thiol for anchoring to gold at the C-terminus 
in the peptoids through incorporation of a terminal cysteamine. Density functional theory 
calculations indicate the macrodipole for a 12-residue peptide α-helix (54 D) is approximately 
double that of a 7-residue peptoid PPI helix (27 D). Importantly, these values assume fully folded 
helical states, and the magnitude of the macrodipole will vary greatly with folded structure.  
Peptides 1-3 and peptoids 4-6 were prepared by standard solid-phase methods (Fmoc 
strategy for the peptides, submonomer approach for the peptoids). Each oligomer was purified by 
preparative reverse phase HPLC, and the identity and purity of the final products were confirmed 
by analytical HPLC and MALDI-TOF mass spectrometry. 
To establish that relative solution folding propensity in 1-6 followed the intended trends, 
we used circular dichroism (CD) spectroscopy (Figure 13). Solvent conditions for CD 
measurements were selected based on the solutions used for monolayer preparation (aqueous for 
the peptides, acetonitrile for the peptoids). The CD spectrum of peptide 1 showed minima at 222 
and ~208 nm, characteristic of right-handed helical secondary structure. Moving through the series 
1-3, the band at 222 nm decreased in magnitude and the lower wavelength signal blue shifted to 
~200 nm. These changes are both diagnostic of an increase in random coil character and support 
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our design hypothesis regarding the relative helicity across the series (1 > 2 > 3). Qualitative 
features of the CD spectra of the peptoids were consistent with the expected left-handed PPI helical 
fold. The decrease in the intensity of the band at 222 nm with increasing fraction of flexible Z 
residues supported the relative trend in helical character 4 > 5 > 6. On an absolute scale, estimated 
folded populations (Table 1) vary from 3% for the least helical peptide (3) to ~100% for the most 
helical peptoid (4).  
 
Figure 13. CD spectra of (A) peptides 1-3 (50 μM in 10 mM phosphate pH 7.2) and (B) peptoids 4-6 (50 μM in 
acetonitrile). Estimated helical folded population for each compound is indicated in parentheses. 
2.2 Electromechanical Response and Surface Characterization 
To compare the electromechanical response of the peptides and peptoids, monolayer films 
were deposited by solution self-assembly on gold substrates. Determining the piezo response of 
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these self-assembled monolayers (SAMs) entails the use of piezoelectric force microscopy (PFM), 
an AFM technique where an AC voltage is applied through a conductive tip in contact with the 
surface being analyzed (Figure 14A).111 The resulting voltage-induced change in thickness (Δt) 
illustrates the SAM’s piezoelectric character. However, the deflection of the cantilever 
encompasses components beyond just the deformation of the sample, namely electrostatic effects 
from tip-sample interactions, which can be difficult to quantify.  
 
Figure 14. (A) PFM schematic. The direction of the polarization (Ps) and the applied electric field (E) cause an up or 
down displacement of the cantilever tip in contact with the surface. This motion is detected by a laser spot reflected 
onto a photodiode detector. Adapted with permission from ref. 111. Copyright 2017 Korean Ceramic Society. (B) 
Depection of the feedback loop using dual frequency-based resonance amplitude tracking in DART-PFM. Adapted 
with permission from ref. 112. Copyright 2007 IOP Publishing. 
Upon attempting to characterize the peptide SAMs by PFM, low tune frequencies were 
noted, indicating poor signal to noise. Dual AC resonance tracking piezoresponse force 
microscopy (DART-PFM), a method developed by Kalinin, takes advantage of the increased 
signal to noise achieved when operating at the contact resonance frequency.112 Unlike PFM, which 
operates at a single frequency, DART-PFM operates on a frequency feedback loop system that 
monitors two amplitudes bracketing either side of the contact resonance peak (Figure 14B). The 
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contact resonance is constantly tracked, leading to signal amplification. Because of this advantage, 
we decided to pursue DART-PFM to measure our peptide and peptoid SAMs.  
 Another concern in evaluating our SAMs was the precision and reproducibility of the 
measurement. It is common in the literature to see piezo response measured at only a single 
voltage, leading to difficulty in reproducibility and a poor sense of the experimental uncertainty. 
Therefore, we introduced an AC voltage sweep method. Using DART-PFM, we determined the Δt 
of each film by scanning with a series of applied tip voltages (1.5 to 4 V) and averaging across a 
1 µm2 area for each voltage. The slope of a linear fit to a plot of Δt vs. applied voltage provides a 
measure of the piezoelectric response along the polarization axis (d33). Ideally, the intercept of this 
line would pass through zero (i.e., no mechanical response with no applied field); however, due to 
electrostatic and tip-sample interactions, that is rarely the case. We repeated this experiment for 
each oligomer across independently prepared films on multiple days using different tips (Figure 
15, Table 1). Averaging across multiple samples and tips minimizes artifacts arising from tip-
surface interactions, and averaging across a large area (rather than a single point) for each 
measurement samples an ensemble of different molecular conformations and local environments. 
The validity of the methodology was supported by of the determination of the piezo response of 
quartz by the same approach, yielding a d33 (3.8 pm V-1) close to the known value for d11 (2.3 pm 
V-1).66  
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Figure 15. Summary of DART-PFM methodology used to determine piezoelectric response and the resulting d33 
values obtained from replicate independent experiments with peptides 1-3, peptoids 4-6, dodecanethiol (DDT). 
In general, across all monolayers of 1-6, the distribution of piezo response showed high 
positive skewness, which did not have a clear trend with voltage (Figures 16-22). On the other 
hand, for five out of six compounds (1-3, 4, and 6) the distributions yielded voltage-dependent 
increases in peak width and standard deviation. For peptoid 5, three out of four samples showed 
slight broadening with increasing voltage. 
 31 
 
Figure 16. Representative raw DART PFM data for analysis of a self-assembled monolayer of DDT on gold. (A) 
Chemical structure of DDT. (B) Height image from DART-PFM measurement at an applied voltage of 1.5 V. (C) 
Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis of the 
images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation for the 
best-fit line is shown, where d33 is the slope. 
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Figure 17. Representative raw DART PFM data for analysis of a self-assembled monolayer of peptide 1 on gold. 
(A) Chemical structure of peptide 1. (B) Height image from DART-PFM measurement at an applied voltage of 1.5 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
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Figure 18. Representative raw DART PFM data for analysis of a self-assembled monolayer of peptide 2 on gold. 
(A) Chemical structure of peptide 2. (B) Height image from DART-PFM measurement at an applied voltage of 1.5 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
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Figure 19. Representative raw DART PFM data for analysis of a self-assembled monolayer of peptide 3 on gold. 
(A) Chemical structure of peptide 3. (B) Height image from DART-PFM measurement at an applied voltage of 1.5 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
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Figure 20. Representative raw DART PFM data for analysis of a self-assembled monolayer of peptoid 4 on gold. 
(A) Chemical structure of peptoid 4. (B) Height image from DART-PFM measurement at an applied voltage of 1.5 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
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Figure 21. Representative raw DART PFM data for analysis of a self-assembled monolayer of peptoid 5 on gold. 
(A) Chemical structure of peptoid 5. (B) Height image from DART-PFM measurement at an applied voltage of 1.5 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
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Figure 22. Representative raw DART PFM data for analysis of a self-assembled monolayer of peptoid 6 on gold. 
(A) Chemical structure of peptoid 6. (B) Height image from DART-PFM measurement at an applied voltage of 1.5 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
When comparing the two different backbone compositions, the average response from 
monolayers of peptides 1-3 was significantly greater than that of monolayers made up of DDT or 
peptoids 4-6 (p 0.016 for peptides vs peptoids) (Figure 15). On average, peptides 1-3 yielded PFM 
response ~41% larger than DDT and ~59% larger than peptoids 4-6. Interestingly, no statistically 
significant trends beyond experimental uncertainty were discernable within a given backbone (i.e., 
among 1-3 or among 4-6). While one might expect both peptides 1-3 and peptoids 4-6 to yield 
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much greater conformational flexibility than a straight-chain alkane such as DDT, the high packing 
density in the monolayers may diminish this difference. Placing these results in context of known 
bulk biomaterials that are piezoactive, the d33 of the peptide monolayers, while small, is greater 
than the response of bulk collagen (0.8 pm V-1),61 bone (0.29 pm V-1),113 and wood (0.04 pm V-
1).114 It is likely that the parallel arrangement of molecular dipole moments in the monolayer 
samples enhances piezo response. Still, the magnitudes are modest compared to crystalline 
piezoelectric polymers, such as PVDF (~30 pm V-1),115 molecularly-doped polyurethane foams 
(~150-250 pm V-1),77 or PZT ceramics (~300-500 pm V-1).64 
To rule out the possibility that differences in piezo response observed resulted from 
differences in monolayer packing density rather than molecular structure, we carried out X-ray 
photoelectron spectroscopy (XPS). We determined the ratio of XPS peak intensities for sulfur 
versus gold signals for representative monolayers of 1-6 and DDT. Calibrating against a reported 
packing density for DDT,116 we estimated the surface coverage density for the peptides and 
peptoids (Table 1). Variation among the observed packing densities were small and not sufficient 
to explain the observed differences in piezo response. Moreover, no significant trend was apparent 
based on backbone composition (peptides vs peptoids) or helicity in solution. We also used the 
XPS peak intensities for carbon versus gold signals to estimate monolayer thickness, following 
published methods previously applied to peptide SAMs.116 As with monolayer density, no clear 
correlations were observed to folding propensity or backbone composition (Table 1), although the 
value for peptide 2 was somewhat lower than the rest of the series.  
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Table 1. Solution folding and monolayer properties for peptides 1-3 and peptoids 4-6. 
 Monolayer properties  
compound d33 (pm V-1)a na density (molecules cm-2 x 1014)b thickness (nm)
 b Fraction  helical (%)c 
1 1.53 ± 0.27 8 3.3 ± 0.4 2.34 ± 0.06 19 
2 1.48 ± 0.29 6 4.0 ± 0.4 2.03 ± 0.08 9 
3 1.75 ± 0.32 6 3.9 ± 0.4 2.56 ± 0.06 3 
4 1.12 ± 0.23 4 4.1 ± 0.1 2.52 ± 0.02 100 
5 0.97 ± 0.31 4 4.2 ± 0.1 2.45 ± 0.03 42 
6 0.89 ± 0.13 4 4.3 ± 0.2 2.58 ± 0.02 24 
DDT 1.12 ± 0.25 4 4.6d 1.5d – 
Quartz 3.80 ± 0.50 2 –  – 
aAverage ± SEM for piezo coefficient (d33) as determined from n independent PFM experiments. bSAM density and 
thickness, as estimated from XPS.116 cFraction helicity as estimated by CD in solution (water for 1-3, acetonitrile for 
4-6). dFrom ref. 116.  
Additionally, the XPS data showed the chemical integrity of the peptide and peptoid 
monolayers (Figures 23 and 24). The presence of an amide nitrogen peak at 400 eV in the N1s 
region for all peptide and peptoid samples was absent in the control DDT confirming the presence 
of peptide and peptoid monolayers. Furthermore, a single peak at 162 eV in the S2p spectra was 
observed for all SAMs, indicative of the sulfur to gold bond. Older or improperly stored SAMs 
showed an additional S2p peak at 168 eV, commonly attributed to sulfoxides. Therefore, sulfur-
 40 
gold linkages were also evaluated to ensure they were not oxidized over the course of sample 
preparation and storage.  
 
Figure 23. Representative N1s, S2p, and Au4f XPS spectra for peptides 1-3. 
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Figure 24. Representative N1s, S2p, and Au4f XPS spectra for peptoids 4-6 and control dodecanethiol (DDT). 
In an effort to gain information about folding by an analytical method applicable both in 
solution and SAM contexts, we turned to infrared spectroscopy. The amide I band (1600- 1700 
cm-1), arising from C=O stretching vibrations in the peptide backbone, is used to analyze secondary 
structural components in peptides.117 Changes in hydrogen bonding patterns or amide bond 
geometry affect vibrational frequencies, ultimately shifting the peak maximum.118-117 In solution 
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FTIR spectra of peptides 1-3 acquired in D2O (Figure 25A), the amide I band observed shifts from 
~1641 to ~1650 cm-1 across the series. We interpret this as corresponding to 310-helical secondary 
structure shifting toward increasing random coil,119-120 consistent with the trend observed by CD. 
A consistent shoulder is observed at 1672 cm-1 in each spectrum from residual TFA remaining 
after HPLC purification and lyophilization.121  
Polarization modulated infrared reflection absorption spectroscopy (PM-IRRAS) was 
chosen as the FTIR method to analyze our thin monolayer films due to its high degree of sensitivity 
and ability to minimize atmospheric contributions to the spectra. PM-IRRAS of the peptide 
monolayers showed amide I bands for peptides 1 and 2 ~1667 cm-1 (Figure 25B). Others have 
interpreted such spectral features for peptide SAMs to correspond to α-helical or distorted α-helical 
secondary structure.122-123 The amide I band of peptide 3 appears at a higher frequency,   ~1674 
cm-1, which we interpret as reflecting increased random coil character. An important caveat in the 
above analysis is that the complexity of the amide I region for all the peptide monolayers indicates 
a highly heterogeneous ensemble of folded states present at the surface. 
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Figure 25. Amide I region from (A) solution FTIR spectra of peptides 1-3 (5 mg/mL in D2O) and (B) PM-IRRAS 
spectra of peptide monolayers on gold. 
In summary, our initial hypothesis on the molecular basis for piezoelectric response 
focused on the effect of helical conformational preferences and the magnitude of the piezo 
response. That is, as “molecular springs,” an unstructured peptide 3 would show low response. 
The data here argue the opposite is true and that a balance between helicity and flexibility is needed 
for increased molecular piezoelectric response. Small changes in helical secondary structure 
between peptides 1-3 results in no statistical difference in measured piezo response; however, more 
rigid peptoids 4-6 show significantly lower response, on par with the control DDT alkane thiol 
monolayer. 
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2.3 Investigations of Other Molecular Properties and Their Relationship to Piezo Response 
Since bio-based piezoelectrics have not been extensively explored, we began this project 
with limited knowledge of the mechanisms governing a strong piezo response and little 
experimental precedent for measuring electromechanical response of soft, flexible materials. 
When it came to designing molecules, our approach was to sample a variety folds, backbones, and 
properties to pinpoint which design features result in the largest effects on piezo response.  
Computational research indicated that a strong dipole moment, enhanced through folded structures 
that align individual dipoles in a single direction, and a high degree of polarizability are important 
factors for a strong piezo response.63 Therefore, in addition to the effect of conformational 
preferences which was exemplified by the peptide and peptoid systems, we also explored the 
effects of length and polarizability. For the former, we designed peptide 7 that was double the 
sequence length of peptide 1, the most helical of our original peptide series (Figure 26). We 
hypothesized this peptide would be more helical than 1, possess an increased dipole moment due 
to more aligned dipoles, and therefore have a large response. As predicted, the CD spectra of 
peptide 7 displayed increased helical character compared to peptide 1, indicated by the more 
intense minimum at 222 nm (Figure 26). Also notable is the ratio of the two minima which is 
closer to unity for peptide 7, indicative of a larger helical population.  
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Figure 26. Peptides 1 and 7 and the CD scan of each (50 μM in 10 mM phosphate buffer pH 7.2). Estimated helical 
population for each peptide is indicated in parentheses. 
The latter property, polarizability, was not as straightforward to modulate. Since prior 
computational studies on π-conjugated helicenes yielded large piezoelectric responses, we wanted 
to test a molecule that incorporated a fundamental feature that our peptide systems were lacking 
when compared to helicenes— backbone conjugation. Therefore, we chose an abiotic quinoline 
oligoamide helix first introduced by Huc.124-125 We hypothesized that the presence of a conjugated 
backbone, which creates enhanced polarizability, will increase piezo response in comparison to 
the α-peptides, which have minimal backbone delocalization. The rationale for this hypothesis is 
that increasing polarizability increased the computationally predicted piezo response in helicene-
type molecules.63  
The synthesis of Fmoc-quinoline monomers, adapted from a literature approach,124,126 gave 
two building blocks— one with a hydrophobic, all carbon side chain similar to leucine and one 
with a hydrophilic, basic side chain similar to lysine. These monomers were applied in solid phase 
synthesis to make the desired oligoquinoline via acid chloride activation.127 It was determined that 
common coupling agents, such as HCTU, HATU, PyAOP, PyBrOP, DAST, and TFFH, did not 
promote the coupling of two oligoquinolines, presumably due to the poor nucleophilicity of the 
aniline-like amine.126 Using Ghosez’s reagent, an acid chloride was formed, creating a strong 
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enough electrophile to allow the couplings to proceed. A 5-mer oligoquinoline foldamer (8) which 
alternates monomers (Leu-type, Lys-type, Leu-type, etc.) and is capped with mercaptopropanoic 
acid to provide a free thiol for SAM formation on gold was obtained (Figure 27A). Based on prior 
structural and folding studies performed by the Huc lab, we expected oligomer 8 to be folded in a 
very rigid helical fashion, due to a stable three-centered backbone hydrogen bonding arrangement 
(Figure 27B), and have 2.5 monomer units per turn (Figure 27C).124,128  
 
Figure 27. (A) Linear structure of oligoquinoline 8. (B) Predicted 3-center hydrogen bonding arrangement. (C) 
Predicted folding based on a published crystal structure.124, 129 
Confirming the helical structure of 8 is not possible by CD because the molecule is achiral. 
Thus, the folding was probed via 1H NMR and comparison to previous NMR studies by Dolain et. 
al. on related quinoline oligomers.128 NMR studies suggest the presence of the desired hydrogen 
bonding pattern, which provides evidence for helical folding in solution. In the putative helix, the 
backbone amide protons Hb-He should engage in a three-centered hydrogen bonding pattern with 
the quinoline nitrogen, resulting in deshielding. In contrast, amide proton Ha is unable to form this 
type of hydrogen bonding arrangement, which should cause it to appear further upfield. The 
position of amide resonances in the 1H NMR is consistent with the expected helical fold — four 
downfield peaks (11.5-12 ppm) and one upfield peak (~9 ppm) (Figure 28). Since the foldamer is 
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achiral, it is expected that a racemic mixture of right and left-handed helical folds is present in 
solution. The handedness of the fold is not expected to have an impact on piezo-response.  
 
Figure 28. Displays the backbone amide hydrogen signals as they appear for 8 in the 1H NMR (CD3OH with 0.2 
mM DSS). 
Piezo response of self-assembled monolayers of 7 and 8 on gold was determined using the 
DART-PFM AC voltage sweep method described above and compared to the responses of peptides 
1-3 (Figures 29 and 30). Like peptides 1-3, voltage-dependent increases in peak width and 
standard deviation were observed for both SAMs.  
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Figure 29. Representative raw DART PFM data for analysis of a self-assembled monolayer of peptide 7 on gold. 
(A) Chemical structure of peptide 7. (B) Height image from DART-PFM measurement at an applied voltage of 2.0 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
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Figure 30. Representative raw DART PFM data for analysis of a self-assembled monolayer of foldamer 8 on gold. 
(A) Chemical structure of foldamer 8. (B) Height image from DART-PFM measurement at an applied voltage of 2.0 
V. (C) Images depicting q-corrected DART amplitude (Δt) at the indicated applied voltage. (D) Histogram analysis 
of the images shown in panel (C). (E) Linear regression of the histograms in panel (D) vs applied voltage; equation 
for the best-fit line is shown, where d33 is the slope. 
Somewhat surprisingly, neither SAM out-performed peptides 1-3 (Figure 31). Instead the 
response was on par with that of peptoids 4-6 and DDT. Upon further consideration, the increased 
length of peptide 7 relative to its’ helicity could be a drawback. While a longer peptide chain does 
have a larger absolute molecular dipole moment, piezo response is derived from the relative 
geometric deformation over the entire length of the molecule. In other words, a larger molecule 
must deform more to achieve the same piezo response as a small molecule. While the length of 
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peptide 7 doubled, the helical fraction only increased about 10%. Therefore, one possibility is that 
peptide 7 cannot geometrically deform enough to overcome its increased length.  
 
Figure 31. Piezo response represented by experimentally determined d33 values from multiple independent 
experiments with peptides 1-3, peptide 7, and foldamer 8. Error bars are the SEM of 4-8 independent experiments. 
Foldamer 8 which has a fully conjugated backbone, also displayed lower piezo response to 
peptides 1-3. Oligomer 8 has been shown to be extremely stable in a large range of solvents and 
significantly more stable than Aib containing helical peptides.130 Although polarizability has 
increased, the rigid helical conformation may be hindering electromechanical response.  To tip the 
balance towards a more flexible structure, a flexible monomer could be introduced into the 
backbone to disrupt quinoline stacking,131 making the chain less rigid and more amenable to 
conformational deformation under an applied field (Figure 32). 
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Figure 32. Proposed structure of a more flexible oligoquinoline foldamer by insertion of the monomer in red. 
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2.4 Improvements to DART-PFM Methodology 
A significant challenge in the above described studies was accurately measuring the piezo 
response of the soft, flexible materials of interest. For all the molecules tested, we used an AC 
voltage sweep method which considers the responses of a multitude of various peptide 
conformations and surface packing arrangements. The AC voltage sweep method, while more 
robust and reproducible than typical single-point measurements, still requires the averaging of 
multiple measurements of independently prepared samples over several days with different tips. 
We recognized this time and material intensive methodology still has potential for improvement. 
Also hampering our measurements are unaccounted-for electrostatic effects arising from 
interactions between the tip and the surface. The electrostatic component was difficult to account 
for in our AC voltage sweep methodology. Operating near the noise floor of the instrument made 
collecting data as well as quantifying small differences in response challenging. Finally, 
maintaining the contact resonance frequency throughout the measurement, required for the DART-
PFM method, was problematic at low tune frequency signals. 
To improve our measurements further, a new DART-PFM methodology that entails the 
use of a soft lever, coupled with the quantification of the electrostatic component of tip response 
was developed by my collaborator.132 In all prior measurements, we chose to use a high spring 
constant cantilever (k1 = 2.8 N/m), which has been demonstrated as a means to minimize 
electrostatic effects for ceramic materials.133 However, our organic monolayers are very different 
from typical piezoactive ceramics. The use of soft, low spring constant levers prevents the 
deformation of soft organic monolayers and increases the electrostatic component of the response. 
This leads to 1) enhancement of the contact resonance signal making it easier to track via DART-
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PFM feedback mechanisms and 2) amplitudes above the noise floor of the instrument that can be 
more accurately measured.  
 
Figure 33. (A) Prior AC voltage sweep methodology for determination of piezo response using DART-PFM by 
varying VAC. The slope of the trend line should reflect the deff piezo response (pm/V). (B) Suggested VDC sweep 
technique to determine the piezo response in soft-organic piezo materials. The crossing point reflects the deff piezo 
response and the slope reflects the electrostatic contribution of the material. Image reproduced with permission from 
ref. 132. 
To quantitatively separate the electrostatic component from the piezo response, a DC field 
sweep is performed while applying a constant AC voltage (Figure 33). The intersection point, 
where response is minimized, represents the piezo response as deff • VAC.  By accurately 
compensating for the electrostatic component, the true deff of the material can be established. 
Rewardingly, application of this methodology to a subset of sequences described earlier in the 
chapter further confirmed our findings regarding the increased piezo response of peptide over 
peptoid and DDT monolayers (Table 2). Also significant is the sign of the piezo response, which 
was unable to be resolved using prior methodology. Both the peptide and peptoid SAM tested gave 
a negative d33 indicating that these materials compress under an applied field. This negative piezo 
response contrasts piezo ceramics such as ZnO or PZT, but is analogous to responses observed in 
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PVDF and a variety of other piezoelectric materials.134-135  For these materials, a negative  
piezoelectric response is thought to arise from the electrostrictive response and strain of the 
material.134 It is our hope that this improved, higher accuracy methodology will make future 
studies of organic and biomaterials more efficient and reproducible.  
Table 2. Calculated d33 as a function of applied DC voltage at a constant VAC of 3.0 V using 0.09 N/m kl levers. 
Table adapted with permission from ref. 132. 
Material d33 (pm/V) 
Quartz 1.68 
DDT 0.100 
Peptide 1 -6.42 
Peptoid 5 -1.35 
2.5 Summary 
The results of Chapter 2 provide insights into the structural parameters affecting 
electromechanical response and suggest that peptide-based materials exhibiting piezo response 
have regions of highly aligned flexible backbones. Short, flexible peptides gave responses that 
were larger in magnitude than structurally rigid molecules, such as peptoids or an oligoquinoline 
foldamer.  Structural heterogeneity in the peptide conformational ensemble observed at the surface 
precludes us from saying whether a particular subpopulation of folded states in the monolayer 
contributes disproportionately to the observed apparent d33. This open question is an important 
area for future study. Understanding the factors that influence conformational preferences of 
surface-bound peptides and exerting control over these preferences is central to answering this 
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question and will be explored further in Chapter 3. In conclusion, the results reported here 
demonstrate the promise of combining systematic synthesis guided by computational design and 
DART-PFM monolayer characterization for SAMs of peptides and related oligomers as a means 
to unlock new avenues to highly responsive piezomaterials. 
2.6 Experimental 
2.6.1  General Information 
All Fmoc α-amino acids and resins used for solid phase synthesis were purchased from 
Novabiochem. All other starting materials, solvents, and reagents were purchased from Sigma-
Aldrich and used without further purification. Reverse phase HPLC was carried out using 
Phenomenex Luna C18 columns. Products were eluted using gradients between 0.1% TFA in water 
[solvent A] and 0.1% TFA in acetonitrile [solvent B], monitored by UV detection at 220 nm and 
280 nm. MALDI-TOF MS experiments were performed on a Voyager DE Pro (Applied 
Biosystems) or an ultrafleXtreme (Bruker) using α-cyano-4-hydroxy cinnamic acid as the 
ionization matrix. 
2.6.2  Peptide Synthesis 
Peptides 1-3, and 7 were synthesized by microwave-assisted Fmoc solid phase methods on 
a CEM MARS 5 microwave using NovaPEG rink amide resin (0.05 mmol scale). Resin was 
swelled in DMF for 15 min prior to the first coupling reaction. For a typical cycle, a 0.1 M solution 
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of HCTU in NMP (4 equiv relative to resin, 2 mL, 0.20 mmol) was added to Fmoc-protected amino 
acid (4 equiv, 0.20 mmol), followed by DIEA (6 equiv, 0.30 mmol). After a 2 min preactivation, 
the solution was transferred to resin, and the mixture heated to 90 °C over 1.5 min, followed by a 
2 min hold at that temperature. Fmoc deprotection was carried out by treatment with 20% 4-
methylpiperidine in DMF (4 mL), and the mixture was heated to 90 °C over 2 min, followed by a 
2 min hold at that temperature. The resin was washed 3 times with DMF after each coupling and 
deprotection cycle. For Aib residues and those coupled to it, PyAOP (4 equiv, 0.20 mmol) was 
used in place of HCTU. The N-terminus of each peptide was capped with S-trityl-3-
mercaptopropionic acid using the standard HCTU coupling described above. After the final 
coupling, the resin was washed 3 times each with DMF, DCM, and MeOH, and the resin was dried 
under vacuum for at least 20 min. Peptides were cleaved from resin by treatment with a solution 
of TFA/EDT/H2O/TIS (92.5%/3%/3%/1.5% by volume) for 3 hours followed by precipitation in 
cold ether. The pellets were collected by centrifugation and re-dissolved in 90:10 solvent A / 
solvent B for purification by preparative HPLC. The identity and purity of final products were 
confirmed by analytical HPLC (Figure 34) and MALDI-TOF MS (Table 3). Peptide stock 
solution concentrations were quantified by UV spectroscopy (Hewlett Packard 8452A Diode Array 
Spectrometer, ε276 = 1450 cm-1 M-1 from the single Tyr in each sequence). 
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Table 3. MALDI-TOF MS data for peptides 1-3, peptoids 4-6, peptide 7 and foldamer 8. 
 
 
 
 
 
 
 
 
 
a [M+H]+ ion; b [M+Na]+ ion 
 
 m/z (monoisotopic) 
# Calculated  Observed  
1 1262.7a 1263.7 
2 1220.7a 1221.4 
3 1178.6a 1179.5 
4 1269.6b 1269.5 
5 1131.6b 1131.8 
6 1039.5b 1039.6 
7 2420.4a 2420.9 
8 1317.5a 1318.7 
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Figure 34. Analytical HPLC chromatograms of purified peptides 1-3, peptoids 4-6, peptide 7, and foldamer 8. 
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2.6.3  Peptoid Synthesis  
Peptoids 4-6 were synthesized using a microwave-assisted submonomer solid phase 
approach on a CEM MARS 5 microwave using cysteamine 2-chlorotrityl resin (41.4 mg, 0.06 
mmol). Resin was swelled in DCM for 30 min, then washed with DMF prior to the synthesis. In a 
typical cycle, a solution of 1.2 M bromoacetic acid in dry DMF (1.0 mL, 1.2 mmol) was added to 
resin, followed by DIC (188 µL, 1.2 mmol). The reaction was heated to 35 °C over 2 min, followed 
by a 2 min hold at that temperature. The resin was washed three times with DMF, followed by 
addition of a 1.5 M solution of primary amine (R-(+)-α-methylbenzylamine or 2-
methoxyethylamine) in NMP (1.6 mL, 2.4 mmol). The mixture was then heated to 90 °C over 2 
min, followed by a 2 min hold at that temperature. The resin was washed again with DMF (3x) 
prior to the next cycle. The N-terminus of each peptoid was capped by treatment of resin with a 
solution of DMF (800 µl), DIEA (200 µl), and acetic anhydride (100 µl) and stirring at ambient 
temperature for 20 min. The resin was then washed 3 times each with DMF, DCM, and MeOH, 
and dried under vacuum for at least 20 min. Each peptoid was cleaved from resin by treatment 
with a mixture of TFA/H2O/TIS (95%:2.5%:2.5% by volume) for 30 min. The cleaved peptoid 
solution was diluted in H2O, lyophilized, and re-dissolved in 50:50 solvent A / solvent B for 
purification by preparative HPLC. The identity and purity of final products were confirmed by 
analytical HPLC (Figure 34) and MALDI-TOF MS (Table 3). Peptoid stock concentrations were 
determined by weight followed by dilution to a desired concentration. 
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2.6.4  Quinoline Monomer Synthesis 
 
Figure 35. Synthesis of Fmoc-protected quinoline monomers, similar to the route described by the Huc lab.124, 126 
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Synthesis of dimethyl 2-((2-nitrophenyl)amino)fumarate (1) 
Prepared by a literature protocol.136 To a solution of 2-nitroaniline (13.49 g, 97.66 mmol) 
dissolved in methanol (140 ml), dimethyl but-2-ynedioate (12.00 ml, 97.66 mmol) was added. The 
solution was stirred at 65°C overnight. The resulting bright yellow precipitate was collected via 
filtration, washed with cold methanol, and dried to yield product (14.73 g, 54% yield). 1H NMR 
spectrum matched literature values.136 1H NMR (300MHz, CDCl3) δ3.74 (3H, s), 3.81 (3H, s), 
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5.84(1H, s), 6.76 (1H, d, J= 8.1), 7.08 (1H, td, J= 1.2, 8.4), 7.46 (1H, td, J= 1.5, 8.4), 8.14 (1H, 
dd, J= 1.5, 8.4), 11.10 (1H, s).  
NO2 H
N
O
CO2Me
 
Synthesis of methyl 8-nitro-4-oxo-1,4-dihydroquinoline-2-carboxylate (2) 
Prepared by a literature protocol.136 Polyphosphoric acid (67.6 g) was heated to 120°C 
before dimethyl 2-((2-nitrophenyl)amino)fumarate 1 (11.29 g, 40.27 mmol) was carefully added. 
The solution was allowed to stir for four hours before cautiously pouring into a saturated solution 
of sodium carbonate. The brown precipitate was removed by filtration and dried to yield the 
product (5.26 g, 53% yield). 1H NMR spectrum matched literature values.136 1H NMR (300MHz, 
CDCl3) δ4.08 (3H, s), 7.07 (1H, s), 7.48 (1H, t, J= 8.1), 8.73 (2H, t, J= 7.2), 11.78 (1H, s).  
NO2
N
OiBu
CO2Me
 
Synthesis of methyl 4-isobutoxy-8-nitroquinoline-2-carboxylate (3a) 
Prepared by a literature protocol.124 Isobutyl bromide (4.60 ml, 42.39 mmol) was added to 
a solution of methyl 8-nitro-4-oxo-1,4-dihydroquinoline-2-carboxylate (5.26 g, 21.19 mmol) and 
potassium carbonate (5.86 g, 42.39 mmol) in dry dimethylformamide (127 ml) under nitrogen. The 
solution was stirred overnight at 80°C before quenching with water and extracting with 
dichloromethane (3x 20 ml). The combined organic layers were washed with saturated sodium 
chloride and saturated ammonium chloride and dried over sodium sulfate. The remaining 
dimethylformamide was removed by forming an azeotrope with toluene and the product was 
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purified by recrystallization from cold methanol (4.25 g, 66% yield). 1H NMR spectrum matched 
literature values.124 1H NMR (300MHz, CDCl3) δ1.15 (6H, d, J= 6.6), 2.31 (1H, m, J= 6.9), 4.04 
(3H, s), 4.09 (2H, d, J= 6.6), 7.65 (2H, m), 8.11 (1H, dd, J= 1.5, 7.8), 8.48 (1H, dd, J= 1.2, 8.4) 
NO2
N
O
HN
Boc
CO2Me
 
Synthesis of methyl 4-(3-((tert-butoxycarbonyl)amino)propoxy)-8-nitroquinoline-2-
carboxylate (3b) 
Protocol adapted from literature.126 Tert-butyl (3-bromopropyl)carbamate (10.00 g, 42.03 
mmol) was added to a solution of methyl 8-nitro-4-oxo-1,4-dihydroquinoline-2-carboxylate (5.23 
g, 21.01 mmol) and potassium carbonate (5.80 g, 42.00 mmol) in dry dimethylformamide (125 
ml) under nitrogen. The solution was stirred overnight at 80°C before quenching with water and 
extracting with ethyl acetate (3x 20 ml). The combined organic layers were washed with saturated 
sodium chloride and saturated ammonium chloride and dried over sodium sulfate. The remaining 
dimethylformamide was removed by forming an azeotrope with toluene to give a brown solid (5.63 
g, 66% yield). 1H NMR spectrum matched literature values.126 1H NMR (300MHz, CDCl3) δ1.43 
(9H, s), 2.19 (2H, m, J= 6.3), 3.43 (2H, q, J= 6.6), 4.04 (3H, s), 4.39 (2H, t, J= 6.0), 4.71 (1H, s), 
7.65 (2H, m), 8.11 (1H, dd, J= 1.2, 7.5), 8.46 (1H, dd, J= 1.2, 8.4).  
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Synthesis of 4-isobutoxy-8-nitroquinoline-2-carboxylic acid (4a) 
Prepared by a literature protocol.124 3a (2.53 g, 8.30 mmol) was dissolved in 
tetrahydrofuran (200 ml) and methanol (100 ml). Crushed potassium hydroxide (1.16 g, 20.76 
mmol) was added to the mixture, which was stirred at ambient temperature overnight. The solution 
was neutralized with acetic acid to ~pH 2. The aqueous layer was washed with dichloromethane 
(3x50ml) and the combined organic layers were washed with water and saturated sodium chloride, 
and then dried over magnesium sulfide. The solvent was evaporated to give a brown solid (1.86 g, 
77% yield). 1H NMR spectrum matched literature values.124 1H NMR (300MHz, CDCl3) δ1.16 
(6H, d, J= 6.9), 2.33, (1H, m, J= 6.9), 4.14, (1H, d, J= 6.3), 7.73, (2H, m), 8.23 (1H, dd, J= 1.5, 
7.5), 8.54 (1H, dd, J= 1.2, 8.4) 
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Synthesis of 4-(3-((tert-butoxycarbonyl)amino)propoxy)-8-nitroquinoline-2-carboxylic acid 
(4b) 
Prepared by a literature protocol.126 Carried out as described for 4a starting from 3b (1.00 
g, 2.47 mmol) to yield the product as a yellow solid (0.7341 g, 76% yield). 1H NMR spectrum 
matched literature values.126 1H NMR (300MHz, CDCl3) δ1.43 (9H, s), 2.21 (2H, m, 6.6), 3.43 
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(2H, q, J= 6.0), 4.44 (2H, t, J= 6.0), 4.71 (1H, s), 7.72 (2H, m), 8.23 (1H, d, J= 7.2), 8.54 (1H, d, 
J= 8.1). 
NH2
N
OiBu
CO2H
 
Synthesis of 8-amino-4-isobutoxyquinoline-2-carboxylic acid (5a) 
Prepared by a literature protocol.124 A mixture of palladium on carbon (172 mg, 1.62 mmol) 
and palladium hydroxide on carbon (172 mg, 1.22 mmol) catalysts were added to a solution of 4a 
(1.86 g, 7.15 mmol) in ethyl acetate (60 ml). The reaction was stirred at ambient temperature under 
a hydrogen atmosphere overnight. The reaction was filtered through celite and washed with ethyl 
acetate and methanol. A dark brown solid product was isolated after solvent evaporation (1.26 g, 
76% yield). 1H NMR spectrum matched literature values.124 1H NMR (300MHz, DMSO) δ1.07 
(6H, d, J= 6.6), 2.18 (1H, m, J= 6.6), 4.08 (2H, d, J= 6.6), 6.49 (2H, s), 6.87 (1H, dd, J= 1.2, 7.5), 
7.24 (1H, dd, J= 1.2, 8.1), 7.36 (1H, t, J= 8.1), 7.45 (1H, s) MS (ESI)  m/z calculated for 
C14H16N2O3 [M+H]+  261.1 Da, found 261.2 Da.   
NH2
N
O
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Synthesis of 8-amino-4-(3-((tert-butoxycarbonyl)amino)propoxy)63uinolone-2-carboxylic 
acid (5b) 
Prepared by a literature protocol.126 The same procedure to synthesize 5a was followed 
starting from 4b (1.94 g, 4.98 mmol) with the exception that only a single catalyst, Pd/C, was used. 
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The product was collected as a brown solid (1.01 g, 56 % yield). 1H NMR spectrum matched 
literature values.126 1H NMR (300MHz, CDCl3) δ1.44 (9H, s), 2.17 (2H, m), 3.42 (2H, m), 4.35 
(2H, t, J= 5.7), 4.76 (1H, s), 7.02 (1H, d, J= 6.9), 7.44 (1H, m), 7.58 (2H, m); MS (ESI)  m/z 
calculated for C18H23N3O5 [M+H]+  362.1 Da, found 362.2 Da.  
HN-Fmoc
N
OiBu
CO2H
 
Synthesis of 8-((((9H-fluoren-9-yl)methoxy)carbonyl)amino)-4-isobutoxyquinoline-2-
carboxylic acid (6a) 
Adapted from a literature protocol.126 5a (0.259 g, 1.00 mmol) was dissolved in dioxane 
(15.6 ml) and a saturated sodium bicarbonate solution (15.7 ml). A solution of 
fluorenylmethyloxycarbonyl chloride (0.313 g, 1.20 mmol) dissolved in dioxane (5.0 ml) was 
added dropwise while the reaction stirred for one hour on ice. The reaction was stirred at ambient 
temperature overnight before the contents were poured into water (50 ml) and acidified to ~pH 2 
with HCl (1M). The organic layer was extracted with dichloromethane (2x50 ml). The combined 
organic layers were washed with saturated sodium chloride and dried over sodium sulfate. 
Purification was achieved by dry loading the crude product onto silica gel with 20% ethyl acetate, 
1% triethylamine in hexanes, then running 50% ethyl acetate in hexanes through the column. The 
product was eluted with 1% acetic acid in ethyl acetate. Acetic acid was removed through forming 
an azeotrope with heptane to give a yellow solid (0.281 g, 59% yield). 1H NMR spectrum matched 
literature values.126 1H NMR (300MHz, CDCl3) δ1.10 (6H, d, J= 6.9), 2.26 (1H, m, J= 6.6), 4.04 
(2H, d, J= 6.6), 4.38 (1H, t, J= 6.3), 4.63 (2H, d, J= 6.6), 7.35 (2H, td, J= 1.2, 7.5), 7.43 (2H, t, J= 
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7.5), 7.59 (1H, m), 7.67 (3H, m), 7.81 (2H, d, 7.5), 7.93 (1H, dd, J= 1.2, 8.7), 8.44 (1H, s), 8.68 
(1H, s).  
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Synthesis of 8-((((9H-fluoren-9-yl)methoxy)carbonyl)amino)-4-(3-((tert-
butoxycarbonyl)amino)propoxy)65uinolone-2-carboxylic acid (6b) 
Adapted from a literature protocol.126 Carried out using the protocol for 6a, starting from 
5b (1.01 g, 2.79 mmol) to yield the product, after purification, as a yellow solid (1.06 g, 65% 
yield). 1H NMR spectrum matched literature values.126 1H NMR (300MHz, CDCl3) δ1.44 (9H, s), 
2.15 (2H, m, J= 6.6), 3.13 (1H, q, J= 7.8), 3.42 (2H, q, J= 6.6), 4.36 (2H, t, J= 6.0), 4.62 (2H, d, 
J= 6.6), 4.74 (1H, s), 7.32 (2H, t, J= 7.2), 7.41 (2H, t, J= 7.2), 7.56 (1H, m), 7.65 (3H, d, J= 9.3), 
7.79 (2H, d, J= 7.5), 7.88 (1H, d, J= 8.4), 8.69 (1H, s). MS (ESI) m/z calculated for C33H33N3O7 
[M-H]- 582.2 Da, found 582.2 Da. 
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Figure 36. Acid chloride activation of quinoline monomers using Ghosez’s reagent. 
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Monomer activation: Synthesis of (9H-fluoren-9-yl)methyl (2-(chlorocarbonyl)-4-
isobutoxyquinolin-8-yl)carbamate (7a) 
Prepared by a literature protocol.126 1-chloro-N,N,2-trimethylprop-1-en-1-amine (82.0 µl, 
0.62 mmol) was added to a solution of  6a (150.0 mg, 0.31 mmol) in anhydrous dichloromethane 
(4.5 ml) under nitrogen gas. The reaction was stirred under ambient temperature for two hours 
before the solvent was evaporated resulting in a yellow solid. The product was dried under high 
vac for at least 3 hours before use in solid phase synthesis to ensure dryness. Assumed quantitative 
yield. 1H NMR spectrum matched literature values.126 1H NMR (300MHz, CDCl3) δ1.13 (6H, d, 
J= 6.6), 2.29 (1H, m, J= 7.2), 4.04 (2H, d, J= 6.6), 4.36 (1H, t, J= 7.2), 4.53 (2H, d, J= 7.2),7.34 
(2H, td, J= 1.2, 7.5), 7.44 (3H, m, J= 6.6), 7.65 (1H, t, J= 8.1), 7.72 (2H, d, J= 7.5), 7.80 (2H, d, 
J= 7.2), 7.88 (1H, dd, J= 1.2, 8.4), 8.45 (1H, s), 9.32 (1H, s).  
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Synthesis of tert-butyl (3-((8-((((9H-fluoren-9-yl)methoxy)carbonyl)amino)-2-
(chlorocarbonyl)quinolin-4-yl)oxy)propyl)carbamate (7b) 
Prepared by a literature protocol.126 Carried out as described for 7a, starting from 6b (90 
mg, 0.15 mmol). Assumed quantitative yield. 1H NMR (300MHz, CDCl3) δ1.44 (9H, s), 2.19 (2H, 
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m, J= 6.6), 3.13 (1H, q, J= 7.8), 3.42 (2H, q, J= 6.0), 4.36 (2H, t, J= 5.4), 4.54 (2H, d, J= 7.5), 
4.74 (1H, s), 7.34 (2H, t, J= 8.4), 7.42 (2H, t, J= 6.6), 7.49 (1H, s), 7.65 (1H, t, J= 7.5), 7.71 (2H, 
d, J= 7.2), 7.80 (2H, d, J= 7.5), 7.84 (1H, d, J= 7.5), 9.32 (1H, s). 
Cl
O
S
Trt
 
Synthesis of 3-(tritylthio)propanoyl chloride (8) 
Adapted from a literature protocol.126 Carried out as described for 7a, starting from 3-
(tritylthio)propanoic acid (36 mg, 0.10 mmol). Assumed quantitative yield. 1H NMR (300MHz, 
CDCl3) δ2.43 (2H, m, J= 6.6), 2.57 (2H, m, J= 5.7), 7.21 (9H, m), 7.35 (6H, d, J= 7.5). 
2.6.5  Oligomer 8 Synthesis 
Protocol adapted from literature.127 Oligoquinoline foldamer 8 was synthesized on Rink 
amide MBHA resin (41.7 mg, 0.015 mmol) which was allowed to swell in DCM for 30 minutes. 
After swelling, the resin was washed with DMF (3x). The resin was deprotected using 20% 4-
methylpiperidine in DMF (2 ml) for 2 minutes after a 2 minute ramp to 90°C. The resin was then 
washed with DMF (3x) and anhydrous THF (3x). The desired acid-chloride activated monomer (3 
equivalents relative to resin loading) was dissolved in anhydrous THF (1 ml) just before use. A 
small amount of anhydrous THF (~0.3 mL) was added the resin, followed by anhydrous DIEA (6 
equiv, 0.09 mmol). The desired monomer was added to the resin after DIEA (order of addition 
was found to be vital for high yielding couplings). Isobutoxy containing monomers were coupled 
for 5 min after a 5 min ramp to 50°C, while amino-propoxy containing monomers and the thiol 
capping group were coupled for 15 min after a 5 min ramp to 50°C. All monomers were double 
coupled (i.e. the coupling step was carried out twice before a deprotection step). After each 
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coupling step the resin was washed three times each with anhydrous THF and additionally three 
times with DMF after the second coupling. Deprotections were performed with 20% 4-
methylpiperidine in DMF (2 ml) by stirring at room temperature for 10 min. The resin was washed 
three times with DMF, and the deprotection step was repeated two more times. After the third 
deprotection and washing step, the resin was additionally washed three times with anhydrous THF. 
Following the final coupling of 8, the resin was washed three times each with DMF, DCM and 1:1 
DCM:MeOH and dried under vacuum for at least 15 hours. The oligoquinoline was cleaved for 2 
hours with a mixture of TFA (95%), H2O (2.5%) and TIS (2.5%). The resin was washed with 
excess TFA once cleavage was complete and the excess TFA was evaporated before precipitation 
in cold ether. Centrifugation for 15 minutes resulted in a yellow pellet. The ether was carefully 
removed and the pellet was re-dissolved in HPLC solvents (50%A, 50%B) for purification (Figure 
34).  
2.6.6  Circular Dichroism (CD) 
 CD measurements were performed on an Olis DSM17 circular dichroism 
spectrophotometer. Scans were performed at 20 °C from 200-260 nm with 1 nm increments, a 
bandwidth of 2 nm, and a 5 sec integration time. Cells with a 2 mm path length were used. Peptide 
solutions (50 µM as determined by UV absorbance) were prepared in 10 mM phosphate buffer 
(pH 7.2).  Peptoid solutions (50 µM as determined by accurate weighing) were prepared in 
acetonitrile (HPLC grade). Percent helical population was calculated using a previously described 
method101 that uses the assumption that the population only consists of two states, helical and 
random coil, and that the contribution to ellipticity from the random coil population is negligible 
at 222 nm. Fraction helical population was estimated by dividing the observed ellipticity at 222 
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nm, [ƟobsH]222, in deg cm2 dmol-1 by the limiting value for ellipticity for a 100% helical backbone. 
The latter was calculated via the equation [ƟH]222 = 43000(1-[x/n]), where n is the number of 
residues and x is a factor that accounts for end effects, for which a value of 2.5 was used.  
2.6.7  Self-Assembled Monolayer Formation 
Gold-thiol self-assembled monolayers (SAMs) were prepared using 1.0 mM dodecanethiol 
in ethanol, 1.0 mM peptide in distilled water, or 1.0 mM peptoid in acetonitrile. These solvents 
were chosen due to solubility of the molecule being deposited and have no impact on the 
production of the monolayers. Substrates consisted of gold metal deposited on glass (Thermo 
Scientific BioGold substrates produced by Electron Microscopy Sciences). Prior to SAM 
formation, substrates were cleaned by washing with ethanol and water, followed by sonication for 
10 min in the corresponding solvent used for deposition (ethanol for DDT, water for 1-3 and 7-8, 
acetonitrile for 4-6). After cleaning, the substrates were dried with compressed air or N2 and 
submerged into the solution of thiol ligand for 24 h at room temperature. The substrates were then 
taken out of the solution, rinsed three times with the respective solvent, blown dry, covered with 
aluminum foil, and placed in a desiccator for at least 1 h prior to analysis. Samples not measured 
immediately were stored in a desiccator, protected from light exposure. 
2.6.8  X-ray Photoelectron Spectroscopy (XPS) 
XPS measurements were collected on a Thermo Scientific ESCALAB 250XI XPS 
spectrometer. Peptide, peptoid, and DDT monolayers were deposited on Thermo Scientific 
BioGold substrates produced by Electron Microscopy Sciences. A survey spectrum was collected 
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at a pass energy of 150 eV and a dwell time of 10 ms. Au4f and N1s were averaged over 50 scans 
with a pass energy of either 100 eV for peptides 1-3 or 150 eV for peptoids 4-6 and a dwell time 
of 50 ms. S2p spectra were taken as an average of 100 scans with a pass energy of either 100 eV 
for peptides 1-3 or 150 eV for peptoids 4-6 and dwell time of 50 ms. Standard baseline subtraction, 
normalization, and peak fits were performed. The surface density and film thickness of each SAM 
was estimated using a previously published method,2 where ratio of the sulfur and gold peak 
maxima, at 162 eV and 84 eV respectively, were averaged across three different spots on a single 
SAM to estimate the surface density. Similarly, the film thickness is estimated using the ratio of 
the carbon, at 284.8 eV, and gold peak maxima. The average peak ratio for a given SAM was 
compared to that of the measured DDT SAMs. DDT has a known packing density of 4.62 × 1014 
molecules per cm2 and a film thickness of 1.5 nm, which allows the surface density and film 
thickness of each monolayer to be estimated by comparison. 
2.6.9  Atomic Force Microscopy (AFM) and Piezo Force Microscopy (PFM) 
AFM and PFM measurements were performed using an Asylum Research MFP-3D SPM. 
PFM experiments were carried out using the dual-AC resonance tracing (DART-PFM) mode. 
Asyelec.01-R2 (Asylum Research) iridium-coated, conductive silicon probes were used for the 
characterization of the surface. These tips have a free-air resonance frequency of 70 kHz, but a 
contact resonance of ~280 kHz. They have a spring constant of 2.8 N/m. Multiple tip-sample AC 
voltages from 1.5 - 4.5 V were applied for each sample, as described below. The deflection was 
set to -0.30 and the humidity in the sample box maintained below 30%. If ambient relative 
humidity was above 30%, the instrument was flushed with dry nitrogen during the measurement. 
For each sample, a 1 µm x 1 µm area was scanned with a scan rate of 1.0 Hz. Topography, 
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piezoresponse amplitude, and phase images were recorded. The recorded amplitudes were q-
corrected to take the tip-sample resonance amplification used by DART-PFM into account. This 
q-correction was performed using the default analyzing software. A histogram of the q-corrected 
amplitude scan was generated. The median value of the distribution was plotted versus the 
appropriate voltage. The slope from a linear regression of this plot for the same sample measured 
on the same day was used to determine a single d33 value for a given compound. Multiple 
independent experiments performed for different samples and days provided multiple d33 values 
for each compound. These values were averaged to generate the statistics reported in Table 1. 
For the DC voltage sweep method, the same protocol was used with a few significant 
changes. Low spring constant TR400PB (TR: S and L), Asylum Research, gold-coated conductive 
silicon nitride probes were used. They have a 32.0 ± 14.5 and 10.0 ± 7 kHz free air resonance 
frequency, but a ~120 and 40 kHz contact resonance. The TR levers have a free air spring constant 
of 0.09 ± 0.12 and 0.02 ± 0.02 N/m respectively. DART experiments were conducted at multiple 
tip-sample AC, and DC biases ranging from |0-4| V. Deflection was set to -0.30 V with a tune z-
voltage of ~15 V and a scan z-voltage of ~ -7.0 V to maximize signal and ensure stable contact 
between probe and sample during scanning. 
2.6.10  Calculation of Dipole Moment for Model Helices 
Gaussian 09 revision D.01137 was used to perform geometry optimizations using density 
functional theory (DFT), with the dispersion-corrected ωB97X-D functional138 and the 6-31G(d) 
basis set to optimize all computed structures. Initial geometries were generated using PyMol 
version 1.8.4139 with idealized backbone dihedral angles for α-helix (peptide) or PPI (peptoid) 
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secondary structure. Computed dipole moments from DFT have been found to be highly accurate 
with errors in the 0.1-0.2 D range.140 
2.6.11  Solution Fourier Transform Infrared Spectroscopy 
 Spectra were collected on a Bruker Vertex-70LS FTIR that was purged with N2 gas for at 
least 30 minutes prior to taking measurements. A liquid cell with CaF2 windows and a 50 µm 
spacer was assembled and this empty cell was used as the reference. The cell was thoroughly 
cleaned with methanol and dried with N2 before each measurement. Peptide solutions (~ 5 mg/ml 
in D2O) were measured with 1000 scans, a 3 mm aperture, and a resolution of 4 cm-1 collected 
over a range of 500-4000 cm-1. Raw data for each sample were collected as a transmission 
spectrum, corrected by subtraction of a blank (D2O) transmission spectrum, converted to 
absorption, and smoothed. 
2.6.12  Polarization-Modulated Infrared Reflection Absorption Spectroscopy (PM-IRRAS) 
 PM-IRRAS spectra were collected on a Thermo Fisher Nicolet iS50 FTIR Spectrometer 
equipped with a liquid nitrogen cooled MCT-A detector. Gold-thiol self-assembled monolayers 
were prepared as described above. The interferogram was automatically aligned using the “align” 
function prior to collection. The physical sample alignment was found to be highly important for 
collection of high quality and reproducible spectra. Gold substrates were attached to a glass 
microscope slide using double-sided copper tape and the slide was aligned using the rotation, tilt, 
and mirror adjustment levers so that the interferogram intensity was maximized in “sum” mode 
(rough max of 5.0-6.5). (NOTE: This max value may be hard to reach until the box is fully purged 
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with nitrogen). The gain is chosen by looking at the “dual channel polarization modulation 
window”; the input gain should be maximized at 10 and the output gain (typically 1 or 2) was 
chosen by picking a gain value that maximizes channel B, without overtaking the maximum of 
channel A. PM-IRRAS spectra were collected with a 30 min acquisition time (3000 scans) and a 
resolution of 4 cm-1 at an incidence angle of 80°. The wavelength was centered at 1600 cm-1 to get 
good signal in the amide region.  Atmospheric correction was applied to all spectra, followed by a 
manual baseline correction and smoothing.  
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3.0 Creation of Tailored Surfaces for Probing Peptide and Protein Surface Folding and 
Activity 
Contributions: 
This work was performed in collaboration with Nathaniel C. Miller, Geoffrey R. 
Hutchison, Alaina N. McDonnell, and Alexander Deiters and their specific contributions 
are as follows: 
Nathaniel C. Miller fabricated the thin gold- on-silicon surfaces used for contact 
angle goniometry. Geoffrey R. Hutchison developed code to implement the arPLS 
baseline correction method for PM-IRRAS data sets. Alaina N. McDonnell 
carried out the expression of wild type and K39PK mutant BAP enzymes, 
performed solution-based activity assays [Figure 50 and 51A], and assisted with 
the development of the surface-bound BAP activity assay. 
The importance of peptide conformation to the electromechanical response of piezoactive 
synthetic oligopeptide self-assembled monolayers described in Chapter 2 inspired further study 
into the folding behavior of peptides bound to surfaces. In addition to tailoring oligomers at the 
molecular scale (i.e. changing the primary sequence) to alter conformational rigidity, controlling 
surface properties of the monolayer also provides an avenue for affecting oligomer conformation. 
An understanding of how surface properties influence peptide folding is of interest not only in the 
design of piezoelectrics, but also for a variety of bio-functionalized surface applications.80, 141-142 
Harnessing methodology to create tailored and tunable surfaces is the first step towards predictably 
altering biomolecule conformation via surface properties.    
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As discussed in Chapter 1, biomolecules can be introduced onto a gold surface via 
adsorption, self-assembly, or by covalent attachment methods. Adsorption and self-assembly 
methods are widely used due to their relative experimental simplicity, however, a significant 
downside to adsorption and self-assembly exists as there is minimal ability to control placement, 
spacing, or orientation of the molecules deposited. In some circumstances, this can lead to 
decreased stability or loss of activity. While self-assembly typically results in a well-packed 
monolayer,17, 141 adsorption often results in surfaces with randomly oriented molecules, which are 
hard to predict or control.143 Alternatively, covalent attachment provides more control over 
biomolecule incorporation at a surface.42 One example is the ubiquitous click reaction that has 
been successfully used in the context of surface functionalization to attach DNA,144 
oligonucleotides,145 proteins,146 ferrocenes,147-149 fullerenes,150 and small peptides151-154 to organic 
SAMs. In the context of small peptides, copper-catalyzed click chemistry has been used to 
covalently tether peptides to surfaces in a manner that induces helical structure by constraining the 
peptide with multiple triazole linkages resulting from reaction of the alkyne-containing peptide  to 
an azide-terminated alkanethiol on a gold substrate.154 The efficiency of the click reaction has been 
shown to be dependent on the alkanethiol SAM, particularly the terminal group’s ability to interact 
with the peptide to either promote or impede reaction progress.155 Although multiple studies have 
used click chemistry to attach peptides and other biomolecules to surfaces and analyzed the 
efficacy of this reaction in variety of contexts, it remains unclear how surface properties work in 
tandem to control surface bound conformation and orientation of covalently bound molecules.  
New interactions not present in solution conditions, namely peptide-peptide interactions 
and peptide-surface interactions, must be taken into account when considering peptide 
environment on a surface.156 To effectively alter peptide environment, these interactions can either 
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be disrupted or enhanced. In Chapter 3, we systematically alter three factors: peptide density, 
surface polarity, and the inherent folding propensity of the chosen biomolecule in a solvated 
context with the goal of altering biomolecule environment and creating surfaces with tunable 
properties (Figure 37).  
 
Figure 37. Scheme depicting the parameters under study at the surface, namely peptide density, solution folding 
propensity, and surface polarity. 
A number of biomolecules, ranging in size and conformation, were selected for this study. 
First, we chose two small, simple peptides with the aim of demonstrating that we can effectively 
alter surface parameters and covalently incorporate a biomolecule onto these surfaces. Second, we 
incorporated a more rigid and structured coiled-coil fold into our surface designs. This system 
created a new challenge for surface incorporation that required the use of a synthetic linker for 
surface attachment. The final system was a large dimeric enzyme that we hypothesized would be 
highly sensitive to the specific properties of the surface to which it is bound.  
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3.1 Tailored Surface Design 
Interchain interactions at a peptide-functionalized surface can be altered by changing 
peptide density and thereby interchain spacing. At high densities, peptides experience extensive 
interactions with neighboring molecules (e.g. electrostatic repulsions and sterically driven folding) 
which may alter folding behavior from that observed in a solution context. A decrease in peptide 
density leads to more independent folding (i.e. fewer peptide-peptide interactions). Homogenous, 
self-assembled monolayers allow little room for manipulation of surface density, since peptides 
pack in close proximity. Mixed monolayers can be prepared by self-assembly with a mixture of 
thiol ligands; however, this approach can lead to heterogenous monolayers when the two ligands 
have very different properties.157 To alter the peptide spacing in a predictable way, we utilized 
copper-catalyzed click chemistry to site-specifically attach peptides to a self-assembled monolayer 
of mixed alkanethiols, one of which has a terminal azide functionality (Figure 38). By varying the 
ratio of alkanethiolates in the SAM deposition solution, the resulting ratio in the monolayer can be 
controlled, which correlates to peptide density. 
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Figure 38. Scheme depicting surface construction via mixed monolayer self-assembly followed by a subsequent, 
on-surface click reaction with a peptide alkyne.The density of the peptide at the surface is the direct result of the 
ratio of alkanethiolates chosen during SAM formation. 
Peptide-surface interactions can also affect peptide folding. In the simplest terms 
attachment to a surface introduces a loss of conformational freedom by an excluded volume effect 
relative to solution.92, 158 Further, the peptide may interact with specific functional groups available 
at the surface interface in ways that favor or disfavor folding. Alterations to the terminal group of 
the “background” (i.e. non-azide containing) alkanethiolate were made to change the physical 
properties of the surface (Figure 38). Swapping a terminal methyl group for a hydroxyl or 
carboxylic acid creates a surface with increased hydrophilicity, the potential to hydrogen bond 
with the peptide, and, in the latter case, a negatively charged surface capable of electrostatic 
interactions. Decanethiol (DT), 9-mercaptononanol (MN), and 11-mercaptoundecanoic acid 
(MUA) were chosen so that the peptide would not be buried in the monolayer, which could hinder 
folding, as well as hamper click reaction efficiency.  
Finally, it is well known that making changes to the primary sequence of a peptide can alter 
its folding propensity in solution. Peptides with differing degrees of helicity were designed to 
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evaluate whether solution folding conformations are retained once peptides are covalently bound 
to a surface via click chemistry. Furthermore, we wanted to assess whether these folds are 
dependent on density or surface polarity. More complex systems, such as a dimeric coiled-coil and 
dimeric enzyme, were also incorporated to assess the conformational changes resulting from each 
surface condition to these biomolecules. Peptides were functionalized with a N-terminal 4-
pentynoic acid moiety to allow for covalent attachment to the surface bound azide via a click 
reaction. An alkyne bearing linker was utilized to attach the coiled-coil dimer onto the surface and 
the unnatural residue, propargyl lysine, was incorporated into the expressed enzyme for surface 
functionalization.  
3.2 Evaluation of Mixed Alkanethiol SAMs and Small Peptide Incorporation 
To create surfaces with tunable properties, we employed a two-step process: 1) the 
formation of a mixed monolayer containing the reactive azide component followed by 2) reaction 
of the surface bound azide with an alkyne-functionalized peptide via a copper catalyzed click 
reaction (Figure 38). Mixed alkanethiol monolayers were formed via self-assembly from solutions 
of decanethiol (DT), 9-mercaptononanol (MN), or 11-mercaptoundecanoic acid (MUA) and 11-
azidoundecanethiol (AZT). The mole fraction of AZT was varied between 0.50 and 0.05 of the 
total thiol concentration in the monolayer deposition solution. Since statistical alkanethiol 
adsorption cannot be assumed,159 each mixed monolayer was scrutinized for its surface alkanethiol 
composition. PM-IRRAS was used to compare the ratio of alkanethiolates in the deposition 
solution to the alkanethiol ratio in the resulting SAM. The intensity of the azide stretch (~ 2100 
cm-1) to the normalized CH2 asymmetric stretch (~2926 cm-1) provides a means of comparing the 
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azide content across SAMs. The intensity of the azide peak resulting from a pure AZT monolayer 
was assigned as 1.0 fraction azide surface coverage. The AZT content in each mixed monolayer 
was determined by taking the ratio of the normalized azide peak intensity to that in the pure AZT 
SAM (Figure 39A). 
For all mixed monolayers, AZT was incorporated preferentially resulting in a greater azide 
proportion on the surface than in the SAM formation solution (Figure 39B). Generally, the 
preference for AZT was greatest in the mixtures bearing hydrophilic terminal groups. While the 
extent of AZT incorporation is somewhat alkanethiol dependent, the density of AZT at the surface 
can be controlled predictably via the alkanethiol ratio of the SAM deposition solution. The 
question of true mixing of the two alkanethiols at the surface versus the possibility of phase 
separation resulting in “islands” of each component was not investigated for these particular 
surfaces. While phase separation has been noted in the literature,160 many others have noted the 
presence of uniform molecular mixing.161-162 One possible theory seems to indicate that separated 
domains are more likely to form when the two components are of very different lengths or have a 
high proportion of hydrophobic groups that could preferentially cluster together.159, 163  While the 
former is largely not the case in our SAMs, the latter may be relevant to some extent for DT 
surfaces with low AZT density. Importantly, creating a mixed alkanethiol monolayer prior to 
peptide incorporation allows for greater control over peptide placement, than, for instance, creating 
a mixed monolayer of peptides and alkanethiols, which would be more likely to form domains. 
 81 
 
Figure 39. (A) Representative PM-IRRAS spectra of mixed monolayers (background = DT) resulting from various 
deposition solution fractions of AZT and (B) the fraction of AZT at the surface determined by PM-IRRAS plotted 
against the fraction of AZT in the SAM depostion solution. Error bars are the result of three independently prepared 
surfaces. 
To confirm that the bulk properties of each mixed monolayer matched those expected based 
on composition, we assessed their wetting properties. The relative hydrophobicity of each mixed 
alkanethiol monolayer was quantified by the sessile contact angles of water (Figure 40). Contact 
angles above 100 ̊ were observed for entirely methyl-terminated surfaces, whereas contact angles 
of 40 ̊ were observed for entirely hydroxyl or acid terminated surfaces. Entirely azide covered 
surfaces gave contact angles near 80 ̊. For the mixed monolayers, composition-dependent changes 
in contact angles between the two extremes provided a clear picture of the hydrophobicity changes 
resulting from each alkanethiol surface deposition mixture.   
A B 
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Figure 40. Water contact angles, reported in degrees, measured from 2 μl drops of 18 Ω water. Surface fraction 
AZT indicates the fraction of AZT at the surface estimated from PM-IRRAS measurements. Error bars are generated 
from three independent drops on each surface. 
Simple oligopeptides were designed based on known sequences that display some degree 
of helicity in water (Figure 41A).164 Incorporation of increased proportions of alanine (Ala, A) 
residues, which are helix-promoting, ensured differing folding propensities in solution. The 
inclusion of an alkyne group at the N-terminus provided an anchoring point for attachment to the 
mixed SAMs via click chemistry. Peptides 9 and 10 were synthesized via solid phase peptide 
synthesis and purified by preparative reverse phase HPLC. The identity and purity of each peptide 
was confirmed by analytical HPLC and MALDI-TOF mass spectrometry. Solution folding 
propensity was assessed by both circular dichroism (CD) spectroscopy and solution FTIR. The CD 
spectrum of peptide 9 showed minima at 222 and ∼208 nm, characteristic of right-handed helical 
secondary structure (Figure 41B). For peptide 10, the minimum at 222 nm decreased significantly 
in magnitude and the lower wavelength signal blue-shifted to ∼200 nm. These changes are both 
indicative of a significant increase in random coil character. Solution FTIR spectra in D2O display 
a shift in the amide I band from 1637 cm-1 for peptide 9 to 1645 cm-1 peptide 10 (Figure 41C). 
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This 8 cm-1 shift indicates a difference in relative helical populations in solution consistent with 
CD data. 
 
Figure 41. (A) Primary sequences and (B) CD spectra (50 μM in 10 mM phosphate pH 7.2) of peptide alkynes 9 
and 10. The estimated helical population is indicated in parentheses. (C) Amide I region from solution FTIR of 
peptides 9 and 10 (5 mg/mL in D2O). 
PM-IRRAS was used to analyze the peptide-incorporated SAMs resulting from the copper-
catalyzed click reaction of peptides 9 and 10 with a series of azide containing SAMs of varying 
compositions. To assess reaction efficiency, the amount of unreacted azide was measured by the 
intensity of the azide peak relative to the normalized CH2 asymmetric stretch of the PM-IRRAS 
spectrum before and after overnight reaction (Figure 42A). The reaction yields are lower for 
surfaces with greater fractions of AZT (Figure 42B). This observation is attributed to increased 
peptide density which leads to more steric crowding and hindered azide accessibility. Similar 
reaction yields for MN and DT containing SAMs with less than 70% surface fraction AZT provides 
strong evidence for a steric limit. Once peptide coverage is greater than about 70%, reaction yield 
begins to decrease as incorporated peptides begin to block available azide terminal groups. For 
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MUA containing surfaces, this steric limit appears to be lower, possibly because MUA is slightly 
longer than MN or DT which may hinder azide accessibility further. There was no significant 
difference in the above trends in reaction yield based on the peptide sequence used in the reaction. 
 
Figure 42. (A) Representative PM-IRRAS spectra for mixed MUA:AZT surfaces displaying the CH2 and azide 
regions after copper-catalyzed click reactions were performed. High density surfaces are those with a surface AZT 
fraction above the steric limit and low density surfaces are those below 0.30 surface mole fraction AZT. (B) Surface 
click reaction yields shown as the fraction of AZT left unreacted versus the fraction of AZT in the SAM prior to the 
reaction as determined via PM-IRRAS. Error bars are the result of at least three surface reactions with either peptide 
sequence. 
The amide I and amide II bands of the PM-IRRAS spectra were used to analyze peptide 
folding and orientation. Changes in position or shape of the amide I band signify differences in the 
populations of secondary structures present within a sample,117 whereas changes in the intensity 
ratio of the amide I: amide II bands signifies differences in peptide orientation relative to the 
surface.165 The amide I band showed a maximum in the range of 1661-1666 cm-1 across the series 
of monolayers examined (Figure 43). Amide I bands in this region are typically attributed to some 
amount of distorted helical character.141, 166 Generally, peptide 10 had a broader amide I band 
which is indicative of more heterogeneity in the folding patterns present on the surface. Since 
peptide 10 has more random coil character in a solution context, it is expected to have more 
variation in folded population at the surface. No significant trends in the amide I band could be 
A B 
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correlated to surface polarity or density of peptide for this system. The intensity ratio of amide I: 
amide II bands was roughly 2:1 across all monolayers examined. 
 
Figure 43. Amide region of the PM-IRRAS spectra for surfaces with high (0.50 fraction AZT in deposition 
solution) and low (0.05 fraction AZT in deposition solution) peptide density and changing polarities (DT, MN, or 
MUA alkanethiol backgrounds). 
To further understand the heterogeneity in peptide folding at the surface, we synthesized 
N-terminal thiol variants of each peptide, 9-SH & 10-SH (Figure 44A). These variants fold 
similarly to their counterparts in solution (Figure 44B). Direct thiol attachment via self-assembly 
of the peptide onto a gold surface creates a well-ordered monolayer due to the peptides packing in 
close proximity. The amide I bands for these monolayers were significantly narrower than those 
for 9 or 10, indicative of a more homogeneous array of peptide structures (Figure 44C). The 
clicked SAMs, which create more space between peptide neighbors, lead to more heterogeneous 
structural characteristics and possibly higher orientational disorder. The amide I band for 9-SH 
(1665 cm-1) appeared at a similar position as the clicked surfaces, while the amide I band for 10-
SH was slightly red-shifted (1659 cm-1), which may indicate increased helical character due to 
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higher packing densities and molecular crowding. This crowding may force the random coil into 
a more structured conformation.  
 
Figure 44. (A) Primary sequences and (B) CD spectra (50 μM in 10 mM phosphate pH 7.2) of peptides 9-SH and 
10-SH. The estimated helical population is indicated in parentheses. (C) Amide region of the PM-IRRAS spectra for 
SAMs formed from peptides 9-SH and 10-SH. 
Summarizing findings to this point, we developed and validated a method using mixed 
monolayer self-assembly and subsequent copper-catalyzed click chemistry for creating well 
defined peptide functionalized surfaces of tailored density and polarity. Increased conformational 
heterogeneity was observed for the click surfaces when compared to self-assembled Au-S 
monolayers of similar peptides, presumably due to the difference in surface packing. It is difficult 
to determine from the data presented if variations in peptide surface folding are directly correlated 
to peptide density or surface polarity for these oligopeptide monolayers. Differences in amide I 
band shape or position are challenging to discern due to the broadness of these bands and 
deconvolution of such peaks can be problematic or misleading. While conformational differences 
in solution are observed for these sequences, we reasoned surface folding may be harder to discern 
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due to the low helical content. To test this hypothesis, we sought to prepare a series of monolayers 
bearing a more defined folded architecture.  
3.3 Coiled-coil Monolayers 
To bear on the hypothesis that folding differences are easier to discern with a more defined 
folded structure, we incorporated a peptide that should have a very high helical propensity in 
solution. We hoped that any deviations on the surface from an almost completely helical 
population would be simpler to differentiate and ultimately help to assess the effect of surface 
polarity and density on peptide conformation.  Highly helical, stable structures are difficult to 
achieve with short (< 30 residue) peptides. Techniques such as peptide stapling can stabilize helical 
folds,167 however, the peptide will be so constrained that it may not show any differentiation in 
structure when exposed to differing surface conditions. Coiled-coil peptides represent a class of 
naturally occurring sequences that are short enough to be synthetically realized and that fold into 
stable multi-helical quaternary structures. We chose the GCN4 leucine zipper (GCN4-p1) as the 
coiled-coil domain for incorporation into tailored surfaces. GCN4-p1 is a 33-residue dimerization 
domain of the yeast transcription factor GCN4.168 GCN4-p1 folds and assembles in solution to 
form a parallel dimeric coiled-coil;169 however, it has been observed to populate a trimeric 
assembly under certain conditions.170 The following minor alterations were made to the native 
sequence to generate peptide 11: 1) norleucine (Nle, B) was substituted for methionine to prevent 
unwanted oxidation and 2) the sequence glycine, glycine, cysteine (GGC) was appended to the C-
terminus (Figure 45). The newly introduced cysteine will be used as a functional handle for 
attachment to surfaces, as detailed below.  
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Figure 45. Sequence of GCN4-p1 variant, peptide 11, and schematic of the the oxidation of peptide 11 to 11-ox and  
the reaction between peptide 11 dimer and DBMPB linker to form peptide 12. 
Peptide 11 was synthesized by Fmoc solid phase methods and purified via reverse-phase 
HPLC. We envisioned using 11 to prepare a series of surfaces: 1) azide-alkyne clicked surfaces 
with DT, MN, and MUA backfills and 2) self-assembled Au-S surfaces. To attach the coiled-coil 
to a surface using the click reaction conditions outlined for peptides 9 and 10, we envisioned a 
linker functionalized with a free alkyne that would covalently link the homodimeric coils. 
Synthesized 1,3- di(bromomethyl)-5-propargyloxybenzene (DBMPB) was used to link the dimeric 
coiled-coils through the C-terminal cysteine side chains, creating 12 (Figure 45). The DBMPB 
linker has been reported in the literature as a means of creating cyclic peptides with subsequent 
attachment of a fluorophore through click reaction with the alkyne,171 but not as a means for 
surface attachment. After reaction of 11 with DBMPB, the azide containing SAMs react with the 
propargyl group of DBMPB under copper catalyzed click conditions (Figure 46). To create self-
assembled Au-S surfaces, peptide 11 was oxidized, creating a disulfide bond between the terminal 
cysteine side chains on each coil, to produce peptide 11-ox (Figure 45). Peptide 11-ox was then 
self-assembled onto the substrate through direct Au-S attachment.  
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Figure 46. Schematic depicting the click reaction mediated incorporation of peptide 12 onto mixed alkanethiol 
SAMs. 
The solution folding propensity of peptides 12 and 11-ox was evaluated via CD (Figure 
47A). Both showed strong helical character in water, indicated by double minima at 208 and 222 
nm. Peptide 11-ox showed a somewhat greater helical population than peptide 12. It is likely that 
insertion of the DBMPB linker causes increased rigidity in the C-terminal region, partially 
disrupting the helical fold.  However, thermal unfolding data indicates that the stabilities of 11-ox 
and 12 are still comparable (Figure 47B).  
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Figure 47. (A) CD spectra of peptides 11-ox and 12 (50 μM in 10 mM phosphate buffer pH 7.0). (B) CD 
temperature melt of peptides 11-ox and 12 (50 μM in 10 mM phosphate buffer pH 7.0).   
Surfaces were incubated overnight in a solution of peptide 11-ox to create a self-assembled 
monolayer of the coiled-coil. Surfaces covalently incorporating peptide 12 via a copper catalyzed 
click reaction were prepared using methods analogous to the small peptide click surfaces. The 
resulting surfaces were analyzed via PM-IRRAS. Reaction yields were comparable to the small 
peptide surfaces. Low density AZT surfaces had very minimal amounts of AZT remaining after 
the click reaction and the high-density surface had about 30% AZT remaining. The amide I bands 
were indistinguishable when comparing surface backfills or even increased peptide density 
(Figure 48). The amide I band was positioned between 1660-1662 cm-1, which is red-shifted 1-4 
cm-1 as compared to surfaces incorporating peptides 9 and 10. This observation is consistent with 
an increased helical population. However, based on the large differences in helical population in 
solution, peptide 12 was expected to yield an amide I band red-shifted 8 cm-1 or more. These results 
indicate that covalent attachment to a surface may have a destabilizing effect on the quaternary 
fold. The amide region of peptide 11-ox SAMs were indistinguishable from the click monolayers. 
This indicates that packing density may not have as big of an effect on the folded conformations 
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present at the surface if some degree of structure exists in solution (i.e. peptide 9-SH and 11-ox 
SAMs). 
 
Figure 48. Amide region of the PM-IRRAS spectra for click-type monolayers of peptide 12 and a self-assembled 
monolayer of peptide 11-ox. The peptide density was varied (low density = 0.05 fraction AZT and high density = 
0.50 fraction AZT in SAM deposition solution) and the surface polarity via the background alkanethiol. 
Taken together, the results for the short peptide and coiled-coil monolayers highlight the 
challenges in applying PM-IRRAS to probe for subtle changes in peptide conformation at a 
surface. Broad peaks, indicative of heterogeneous folding, were seen for all surface conditions, 
making analysis challenging. An additional challenge encountered was employing an accurate 
baseline correction method. Initially baseline correction was performed manually by choosing 
points along the Bessel function. However, this method may introduce baseline artifacts or 
influence peak shape. To address this, an adaptive partial least-squares technique (arPLS) for 
baseline correction, originally designed for processing IR and Raman spectra,172 was adopted for 
processing the PM-IRRAS spectra. While this method is much more consistent than manual 
corrections, assertions made while baseline correcting, such as defining sufficient regions where 
no peaks are present, may still influence the spectra. Based on the above, we pursued a system for 
surface functionalization that would provide a maximally sensitive probe for subtle changes in 
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local chemical environment as well as a convenient indirect method for probing structural 
rearrangements.   
3.4 Investigating Enzyme Activity on Tailored Surfaces 
An indirect method for identifying structural changes in biomolecules is to examine 
function. Altered bioactivity is often the result of a change in conformation, since structure and 
activity are so closely linked for most peptides and proteins. We chose to move away from small 
peptides to a much larger biomolecule⸻ an enzyme. Choosing an enzyme allows us to monitor 
catalytic activity as a means to relate function to protein structure. Additionally, since minimal 
structural changes were detected for small peptides based on surface polarity or peptide density, 
analysis of a surface-bound enzyme will allow us to test our hypothesis on a larger system. It has 
been demonstrated both computationally and experimentally that proteins may alter their 
conformation upon interaction with a surface due to multiple factors including molecular crowding 
or preferential interactions with the surface interface that lead to structural rearrangements.173 
However, it is important to note that the majority of these studies evaluate the conformational 
changes of non-specifically bound proteins. By incorporating an enzyme site-specifically using 
the surface construction methodology and examining protein activity, we aim to provide support 
for the idea that tailoring surface composition can be a useful method for controlling protein 
behavior. We hypothesized that surface composition, specifically surface polarity, would influence 
enzyme activity.  
Bacterial alkaline phosphatase (BAP) was chosen for this study since it has a known 3D 
structure and an activity assay with a simple colorimetric readout which can be readily adapted for 
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a surface-bound context (Figure 49A).174 Importantly, BAP does not have any surface cysteines 
and is stable at room temperature. BAP is a homodimeric protein that contains two active sites 
which require metal ions to be bound for proper catalysis.175-176 For incorporation onto the surface 
using the click reaction methodology, a single point mutation of lysine39 (K39) to propargyl lysine 
(PK) was made (Figure 49C). K39 is located on an exposed surface on the face opposite the 
enzyme’s active sites. PK incorporation at this site is followed by attachment of the protein to an 
the azide-functionalized surface via click chemistry which should orient the active sites away from 
the interface, allowing them to be more accessible to substrate.  
 
Figure 49. (A) Wild type BAP enzyme (PDB: 1ed8) (B) Schematic describing the incorporation of K39PK into 
mixed monolayers via click chemistry. (C) Structure of propargyl lysine (PK). (D) The hydrolysis of PNPP used as a 
colorimetric readout to measure BAP activity. 
BAP has the physiological role of dephosphorylating compounds and is largely conserved 
across a multitude of organisms.176 A convenient in vitro assay for BAP activity uses p-nitrophenol 
phosphate (PNPP) as the substrate (Figure 49D). PNPP is hydrolyzed by the enzyme to p-
nitrophenol (PNP) which is yellow in color and can be monitored by visible absorption 
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spectroscopy (λmax 405 nm).174 As a positive control, the expressed wild type (WT) and K39PK 
mutant enzymes were tested for their bioactivity in solution using the described BAP activity 
assay. The point mutation at K39 does not affect BAP bioactivity, as predicted (Figure 50).  
 
Figure 50. Enzyme activity assay for wild type (WT) and mutant (K39PK) BAP enzymes (10 nM enzyme, 5 mM 
PNPP substrate) where the absorbance at 405 nm is measured as a function of time.  
Click surfaces were prepared by reacting the mutant K39PK enzyme with DT, MN, or 
MUA mixed monolayers (Figure 49B). The density of AZT (which is related to enzyme density) 
was kept consistent at around 0.05 mol fraction AZT for every alkanethiol backfill. This density 
was controlled by choosing a ratio of alkanethiols in the SAM formation solution that is estimated 
to yield a 5 % AZT SAM (0.05 mol fraction DT; 0.02 mol fraction MN; 0.01 mol fraction MUA). 
Low density surfaces were chosen due to the size of BAP, which has a diameter of ~10 nm. It is 
expected that BAP will be fairly well packed even at a low AZT density. The assay was then 
adapted for the surface-bound enzyme, where clicked surfaces were analyzed for K39PK activity. 
The change in absorbance measured at 405 nm over time was used to calculate the reaction velocity 
using a literature reported extinction coefficient of 18000 M-1 cm-1 for PNP and a measured 
pathlength of 1.8 mm (25 μl in a 384 well plate).177 The reaction velocity serves as a measure of 
enzymatic activity. Mixed monolayers were also exposed to the WT enzyme, which should not 
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react under click conditions and therefore not be bound to the surface. However, some activity was 
observed on surfaces exposed to the WT protein, presumably from non-specifically adsorbed 
material. Sonication was used as a method to reduce this adsorption, as well as to remove the 
copper catalyst and associated ligand. Control experiments in solution show sonication leads to a 
moderate decrease in enzymatic activity. Thus, we kept sonication times uniform (60 min) to allow 
reaction velocities to be compared across surfaces while minimizing the amount of non-covalently 
bound protein (Figure 51A).  
 
Figure 51. (A) Activity of the WT BAP enzyme in solution after sonicating for indicated duration. (B) Velocity of 
substrate conversion by DT and MUA surfaces reacted with WT or K39PK protein. Surfaces were sonicated for 60 
minutes after functionalization, prior to the assay. (C) Velocity of substrate conversion by DT and MUA surfaces 
reacted with WT or K39PK protein when 1% v/v PEG 1500 is included in the click reaction. Surfaces were 
sonicated for 60 minutes after functionalization, prior to the assay. (D) Representation of a K39PK BAP surface; 
various orientations and conformations of the enzyme are expected to be present based on the surface’s properties, 
which may influcence the accessibility of the active sites and therefore enzymatic activity. 
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Even after a 60-minute sonication time, activity from non-specifically adsorbed WT 
protein was significant, particularly on hydrophobic surfaces (Figure 51B). Higher amounts of 
protein adsorption on hydrophobic alkanethiol surfaces compared to hydrophilic surfaces has been 
previously noted in the literature, typically due to strong non-specific interactions.86 The observed 
higher activity of the WT exposed DT surface compared to the K39PK surface indicates that a 
large amount of protein is adsorbed to the hydrophobic DT surface. Covalently-bound K39PK is 
possibly more ordered than adsorbed WT BAP since the attachment site limits the number of 
orientations possible (Figure 51D). Orientationally disordered WT BAP may allow space for more 
enzyme to attach to the surface, resulting in high activity. In an effort to reduce the amount of non-
specifically adsorbed WT protein, 1% v/v polyethylene glycol (PEG) 1500 was added to the click 
reaction conditions (Figure 51C). PEG has been shown to solvate proteins, specifically interacting 
with hydrophobic regions, which may prevent BAP adsorption to the hydrophobic DT surface.178-
179 With the addition of PEG, hydrophobic surfaces exposed to WT protein showed a marked 
decrease in activity indicating non-specific protein adsorption was greatly reduced. The observed 
activity for DT surfaces with K39PK enzyme remained the same for surface reactions performed 
with and without the PEG additive, providing strong evidence for the covalent attachment of 
K39PK.  For hydrophilic MUA surfaces the addition of PEG did not greatly affect non-specific 
protein adsorption of the WT BAP. Likely, BAP is interacting with the MUA surfaces via different 
types of interactions (i.e salt-bridges or hydrogen-bonding) that are unable to be effectively 
disrupted by the addition of PEG. Attempts to reduce non-specific interactions of the WT BAP on 
hydrophilic surfaces using increased salt and buffer concentrations also did not prove to be fruitful 
(data not shown).  
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Another route for blocking non-specific interactions between a protein of interest and a 
surface is the addition of bovine serum albumin (BSA) in large excess. The logic here is to ensure 
the majority of non-specifically bound protein is not the functional biomolecule of interest.180 The 
addition of 0.5% wt/v BSA to the surface click reaction conditions led to decreased activity of 
K39PK BAP, likely because BSA may also block reactive azide moieties.  Importantly, the 
introduction of BSA resulted in a greater proportional decrease in activity for the WT surfaces 
compared to other conditions tested (Figure 52). For this reason, these results can help bear on our 
central question regarding the effect of surface polarity on protein activity.  
 
Figure 52. Velocity of subtrate conversion by DT, MN, and MUA surfaces exposed to no enzyme, WT, and K39PK 
enzyme and 0.5% wt/v BSA. The absorbance at 405 nm was recorded every 30 minutes for 6 hours with an initial 
concentration of 10 mM PNPP. Error bars are the result of 3 independent experiments. 
For the covalently bound K39PK enzyme, hydrophilic surfaces (MN and MUA) had 
significantly higher activity than hydrophobic surfaces (DT). As discussed in Chapter 1, structural 
studies on human fibrinogen and albumin adsorbed onto alkanethiol SAMs revealed that protein 
adsorbed on hydrophobic surfaces had a large amount of conformational rearrangement; secondary 
structures held together via hydrophobic contacts refold to form hydrophobic interactions between 
nonpolar functional groups within the protein and terminal methyl moieties on the SAM surface.86 
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These newly formed interactions are proposed to be favorable because they reduce the overall 
solvent exposed surface area and dehydrate the surface.86 In our system, covalently tethered 
K39PK enzyme also likely undergoes a conformational change to favorably interact with the 
hydrophobic, DT surface. Structural rearrangement results in a clear decrease in activity since the 
active site may be altered and unable to as effectively interact with the substrate. Hydrophilic 
surfaces, MN and MUA, should also interact with K39PK, however, structural rearrangement on 
hydrophilic surfaces occurs to a much smaller extent, causing less structural perturbation of the 
active site and retained activity. A similar conclusion was reached by the Latour lab for proteins 
adsorbed on hydrophilic surfaces— structural changes were not as pronounced as on hydrophilic 
surfaces since charged and polar residues on the outer surface of the proteins interact with the 
alkane terminal groups resulting in minimal perturbation.86  In our results, no significant difference 
in reaction velocity was observed between K39PK enzyme bound to MUA and MN surfaces.  
It is important to note that although the addition of the BSA blocking agent did decrease 
the activity of surfaces exposed to WT enzyme, the residual activity is still non-zero. Interestingly, 
the activity of the WT enzyme non-specifically adsorbed onto the DT surfaces was also 
significantly less than WT enzyme adsorbed on MN or MUA surfaces. This observation may arise 
from varying amounts of structural perturbation similar to those described for the K39PK enzyme 
or, more likely, these variances may arise from differences in the effectiveness of BSA. BSA has 
been shown to have, on average, a higher blocking efficiency on hydrophobic versus hydrophilic 
surfaces.180 Therefore, more of the surface area on a DT surface may be blocked by BSA compared 
to MUA or MN surfaces, resulting in decreased levels of WT BAP adsorbed to hydrophobic 
surfaces and therefore decreased activity. Considering this explanation for the trends seen in WT 
activity, an alternate explanation for the activity differences seen across K39PK surfaces would be 
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the effectiveness of BSA. Although we cannot definitively rule out that possibility with the data 
presented here, the enhanced activity of K39PK MUA surfaces over DT surfaces under all 
conditions tested, including without blocking agents, makes this explanation less likely.  
Since inhibiting adsorption of the WT enzyme proved to be a significant challenge, we 
aimed to confirm the covalent attachment of K39PK to the surface and to estimate the activity 
resulting from any adsorbed K39PK. To verify that the K39PK enzyme is covalently bound to the 
surface, control click reactions excluding the copper catalyst/ ligand complex were performed, 
which prevents the reaction between K39PK and the azide terminated alkanethiol SAM (Figure 
53). Greatly reduced activity was noted for surfaces exposed to K39PK without the required 
catalyst, indicating that the K39PK enzyme is covalently bound to the surface when copper is 
present in the reaction. Surprisingly, only minimal activity contributions arise from adsorbed 
K39PK, indicating less K39PK is adsorbed than WT BAP. This would indicate the presence of 
copper and its ligand enhance adsorption to some extent, though to our knowledge this has not 
been commented on in previous literature. More investigations are required to better understand 
this result.   
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Figure 53. Velocity of substrate conversion by DT, MN, and MUA surfaces exposed to K39PK enzyme with and 
without the copper catalyst. The absorbance at 405 nm was recorded every 30 minutes for 6 hours with an initial 
concentration of 10 mM PNPP. 
Overall the results obtained for the BAP system indicate that covalent attachment to 
tailored surfaces is a useful method for modulating protein folding and activity. Covalent 
attachment allows for control over orientation of the enzyme. Based on the placement of the 
reactive moiety within the protein, the active sites can be made more accessible than in the random 
orientations present in non-specifically adsorbed protein surfaces. Molecular crowding, which can 
also change protein conformation, is also controlled using the click surface modification route.  
Finally, higher reaction velocities are observed for enzymes covalently bound to hydrophilic 
surfaces, likely due to differing degrees of structural perturbation upon interacting with the surface. 
The results indicate surface polarity is another modifiable handle for creating tailored protein 
surfaces. 
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3.5 Summary 
Through the creation of tailored surfaces, we demonstrated modification of surface 
properties such as molecular crowding and surface polarity. Mixed monolayers incorporating a 
functional azide handle can be used to covalently attach small peptides and proteins equipped with 
a functional alkyne handle using copper catalyzed click chemistry. This methodology proved fairly 
generalizable. Peptide and protein conformations were investigated on these surfaces; we 
concluded that covalent attachment to a surface does alter folding as compared to a solution 
context.  
Differences in peptide and coiled-coil surface folding based on changes to surface polarity 
or peptide density were difficult to distinguish using PM-IRRAS, which highlights the challenges 
of studying surface folding using even this fairly sensitive method. Open questions still remain 
regarding how to retain the structural differences of small peptides observed in solution for a 
surface context. Surface polarity proved to have a significant effect on the activity of a modified 
BAP enzyme due to differences in the interactions between the protein and the surface. However, 
a portion of the activity seen may arise from differing amounts of adsorbed protein (BSA or BAP) 
at the surface. 
  Finally, the best method to carry out surface structural studies depends on the sensitivity 
required and the proposed application of the material. PM-IRRAS requires the surface to be very 
dry, comparable to the context used for PFM experiments (described in Chapter 2), where humidity 
is minimized. In contrast, the enzymatic assay was performed with the surface in an aqueous 
context.  The presence or absence of water surely has an effect on the conformations present and 
should be considered in regards to surface folding studies. On-surface CD would be one technique 
that would allow both solvated and dry surfaces to be compared and is an interesting avenue for 
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further study. Exploring the changes to both structure and activity of biomolecules upon surface 
attachment gives insights into considerations for optimizing the design of future biomaterials.  
3.6 Experimental 
3.6.1  General Information 
 All Fmoc amino acids and resins used for solid phase synthesis were purchased from 
Novabiochem. Solvents and other reagents were purchased from Sigma-Aldrich and used without 
further purification. Reverse phase HPLC was carried out using either Phenomenex Luna or Jupiter 
C18 columns. Products were eluted using gradients between 0.1% TFA in water (solvent A) and 
0.1% TFA in acetonitrile (solvent B), monitored by UV detection at 220 and 280 nm. MALDI-
TOF MS experiments were performed on an ultrafleXtreme (Bruker) using α-cyano-4-
hydroxycinnamic acid or sinapic acid as the ionization matrix. Wild type and K39PK mutant BAP 
enzyme were expressed and purified by Alaina McDonnell.  
3.6.2  Peptide Synthesis and Reactions 
Solid Phase Peptide Synthesis 
Peptides 9, 10, and 11 were synthesized by microwave-assisted Fmoc solid phase methods 
on a CEM MARS 5 microwave using NovaPEG rink amide resin (0.1 mmol scale). The resin was 
swollen in DMF for 15 min prior to the first coupling reaction. In a typical cycle, a 0.1 M solution 
of HCTU in NMP (for 9 and 10: 4 equiv relative to resin, 4 mL, 0.40 mmol; for 11: 5 equiv relative 
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to resin, 5 mL, 0.50 mmol) was added to Fmoc-protected amino acid (for 9 and 10: 4 equiv relative 
to resin, 4 mL, 0.40 mmol; for 11: 5 equiv relative to resin, 5 mL, 0.50 mmol)  followed by DIEA 
(6 equiv, 0.60 mmol). After a 2 min preactivation, the solution was transferred to resin, and the 
mixture was heated to 90 °C over 1.5 min, followed by a 2 min hold at that temperature. Fmoc 
deprotection was carried out with 20% 4-methylpiperidine in DMF (for 9 and 10: 6 mL; for 11: 8 
mL), and the mixture was heated to 90 °C over 2 min, followed by a 2 min hold at that temperature. 
The resin was washed three times with DMF after each coupling and deprotection cycle. For 
peptides 9 and 10, the N-terminus of each peptide was capped with pentynoic acid after the final 
deprotection step by stirring the resin for 1 hour at room temperature using the coupling conditions 
described above. For 11, Cys36 was double coupled at room temperature for 2 x 30 min and His18 
was coupled at room temperature for 45 min. After the final deprotection step, the N-terminus was 
acetyl capped by stirring a mixture of acetic anhydride (200 ul), DIEA (400 ul), and DMF (1.6 ml) 
with the resin for 20 minutes at room temperature.  
After the final coupling, the resin for all peptides was washed three times each with DMF, 
DCM, and MeOH, and dried under vacuum for at least 20 min. Peptides were cleaved from resin 
by treatment with a solution of TFA/EDT/H2O/TIS (92.5%/3%/3%/1.5% by volume) for 3 hours 
(9 & 10) or 4 hours (11) followed by precipitation in cold ether (approx. 35 mL). The suspended 
peptide was collected by centrifugation and the white pellet was re-dissolved in 4:1 solvent 
A/solvent B for purification by preparative HPLC. The identity and purity of final products were 
confirmed by analytical HPLC (Figure 54) and MALDI-TOF MS (Table 4). Peptide stock 
solution concentrations were quantified by UV spectroscopy (Hewlett-Packard 8452A diode array 
spectrometer, ε276 = 1450 cm−1 M−1 from the single Tyr in each sequence).  
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Table 4. MALDI-TOF MS data for peptides 9, 10, 9-SH, 10-SH, and 11. ESI MS data for peptides 11-ox and 12. 
 
 
 
 
 
 
 
 
 
 
 
 m/z (monoisotopic)  
# Calculated  Observed  
9 1568.9 1568.8 
10 1740.1 1739.8 
9-SH 1576.9 1577.0 
10-SH 
11 
11-ox 
12 
1748.0 
4234.3 
8466.6 
8624.7 
1748.3 
4234.8 
8466.6 
8624.7 
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Figure 54. Analytical HPLC chromatograms of purified peptides 9, 9-SH, 10, 10-SH, 11, 11-ox, and 12. 
Synthesis of Peptide 11-ox  
A solution of 11 (200 μM) in ammonium carbonate buffer (10 mM, pH 8.1) was stirred 
open to the atmosphere at room temperature overnight. The reaction was quenched with a 20 % 
acetic acid solution to approximately pH 5. The product was purified via reverse phase HPLC 
(Figure 54). Peptide stock solution concentrations were quantified by UV spectroscopy (Hewlett-
Packard 8452A diode array spectrometer, ε276 = 3045 cm−1 M−1 from two Tyr and one disulfide 
in each dimer).181 
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Synthesis of Peptide 12 
 Protocol adapted from literature.171 To solution of 11 in water (final concentration of 150 
μM in 24 mL total reaction volume) was added acetonitrile (2.4 mL), Tris HCl buffer (2.4 mL of 
250 mM, pH 7.7; final concentration of 25 mM), and DBMPB linker in acetonitrile (1.2 mL of a 
1500 μM stock; final concentration of 75 μM). The reaction was stirred under argon at room 
temperature overnight. The reaction was quenched by addition of 20 % acetic acid solution to 
approximately pH 5. The product was purified via reverse phase HPLC (Figure 54). Peptide stock 
solution concentrations were quantified by UV spectroscopy (Hewlett-Packard 8452A diode array 
spectrometer, ε276 = 3204 cm−1 M−1 from two Tyr and one DBMPB linker in each dimer). The 
contribution from the DBMPB linker to the extinction coefficient of peptide 12 was determined 
through creation of a standard curve of control compound 15, the slope of which was 304 ± 8 cm−1 
M−1 (Figure 55). 
 
Figure 55. Absorbance at 276 nm of small molecule 15 as a function of concentration. 
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3.6.3  Small Molecule Synthesis 
BrHO N3HO
N3O N3S
N3HS
S
O
O
O
NaN3
DMF
Ms-Cl
TEA
THF
KS
O
MeOH
HCl
MeOH
70%
89%87%
89%
(9)
(10) (11)
(AZT)  
Figure 56. Synthesis of AZT using a previously published protocol.182 
Synthesis of 11-azidoundecanethiol (AZT) 
11-azidoundecanethiol was synthesized in four steps from 1-bromoundecan-11-ol using a 
previously published protocol.182  
N3HO  
(1) Synthesis of 1-Azidoundecan-11-ol (9).1-bromoundecanol (3.3 g, 13.1 mmol) and sodium 
azide (1.1 eq., 0.94 g, 14.4 mmol) were dissolved in DMF (50 ml) while stirring under a 
nitrogen atmosphere at ambient temperature. Once dissolved the reaction mixture was 
refluxed for 24 h. Upon completion, the reaction was cooled and quenched with water 
(50 ml). The reaction mixture was extracted with diethyl ether (3 x 20 ml) and the 
combined organic layers were washed with water (3 x 20 ml) and dried over MgSO4. The 
solvent was removed under vacuum to give 2.5 g (89%) of product as a yellow oil. 1H 
NMR (300MHz, CDCl3) δ1.28 (16H, m), 1.57 (4H, m), 3.25 (2H, t, J= 6.9), 3.64 (2H, t, 
J= 6.6). 
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N3OS
O
O  
(2) Synthesis of 1-Azidoundecan-11-methylsulfonate (10). Methanesulfonyl chloride (2.4 ml, 
31.6 mmol) was added to a solution of 1-azidoundecan-11-ol (2.5 g, 11.7 mmol) in 
anhydrous THF (87 ml). A solution of triethylamine (4.4 ml, 31.6 mmol) in anhydrous 
THF (13 ml) was added dropwise over 5 min. The reaction stirred at room temperature 
for 2 h before quenching with ice cold water (80 ml). The aqueous portion was washed 
successively with diethyl ether (2 x 35 ml). The combined organic layers were washed 
with 1M HCl, distilled water, saturated NaHCO3 and again distilled water. The organic 
layer was dried over MgSO4 and concentrated to give 3.0 g (87%) product as a yellow 
oil. 1H NMR (300MHz, CDCl3) δ1.28 (14H, m), 1.59 (2H, m), 1.74 (2H, m), 2.99 (3H, 
s), 3.24 (2H, t, J= 6.9), 4.21 (2H, t, J= 6.6). 
N3S
O
 
(3) Synthesis of 1-Azidoundecan-11-thioacetate (11). Potassium thioacetate (2.6 g, 22.8 
mmol) and 1-azidoundecan-11-methylsulfonate (3.0 g, 11.4 mmol) were dissolved in 
methanol (100 ml). The solution was degassed for 15 min at room temperature before 
allowing to reflux under nitrogen for 3 h. After cooling, excess methanol was removed 
under vacuum before adding ice cold water (100 ml) to the flask. The mixture was 
extracted with diethyl ether (3 x 30 ml) and the combined organic layers were washed 
with water (3 x 30 ml). The organic layers were dried over MgSO4 and concentrated to 
give 2.5 g (89%) product as a yellow oil. 1H NMR (300MHz, CDCl3) δ1.27 (14H, m), 
1.57 (4H, m), 2.32 (3H, s), 2.86 (2H, t, J= 7.5), 3.25 (2H, t, J= 6.9). 
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N3HS  
(4) Synthesis of 1-Azidoundecane-11-thiol (AZT). A solution of 1-azidoundecan-11-
thioacetate (0.61 g, 2.23 mmol) in methanol (40 ml) was degassed for 15 min before 
adding concentrated HCl (2 ml, 65.2 mmol) and refluxing under nitrogen for 5 h. After 
cooling the reaction was quenched with water (10 ml) and extracted with diethyl ether (2 
x 10 ml). The combined organic layers were washed twice with water, dried over MgSO4 
and concentrated to give 0.36 g (70%) product as a yellow oil. 1H NMR (300MHz, 
CDCl3) δ1.27 (16H, m), 1.57 (4H, m), 2.52 (2H, q, J= 7.2), 3.25 (2H, t, J= 6.9).  
Br
OHHS
KS
O
THF
HCl
MeOH
OH OHS
O
(MN)
(12)90%
90%
 
Figure 57. Synthesis of MN from a previously published protocol.183 
Synthesis of 9-mercaptononanol (MN) 
9-mercaptononanol was synthesized in two steps from 1-bromononan-9-ol using a 
previously published protocol.183 
OHS
O
 
(1) Synthesis of S-(9-hydroxynonyl) ethanethioate (12). Potassium thioacetate (2.2 g, 19.1 
mmol) was stirred in THF (35 ml) for 15 min before adding 1-bromononanol (2.4 g, 9.6 
mmol). The reaction was stirred at ambient temperature overnight. The reaction was 
quenched with saturated NaHCO3 (35 ml) and extracted twice with ethyl acetate. The 
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combined organic layers were washed with water and brine, dried over MgSO4, and 
concentrated to give 2.1 g (90 %) product as a white powder. 1H NMR (300MHz, CDCl3) 
δ1.27 (16H, m), 1.56 (4H, m), 2.32 (3H, s), 2.86 (2H, t, J= 7.5), 3.64 (2H, t, J= 6.6). 
OHHS  
(2) Synthesis of 11-hydroxy-1-nonanethiol (MN). A solution of S-(9-hydroxynonyl) 
ethanethioate (2.1g, 9.7 mmol) in methanol (76 ml) was degassed for 15 min at 0̊ C before 
addition of concentrated HCl (16 ml). The reaction was stirred on ice for 3 h before being 
warmed to room temperature and stirred overnight. The reaction was quenched with 
saturated NaHCO3 (35 ml) and extracted twice with ethyl acetate. The combined organic 
layers were washed with water and brine, dried over MgSO4, and concentrated. The residue 
was purified via flash chromatography on silica gel, using 20% ethyl acetate in 
dichloromethane as the eluent, yielding 1.5 g (90%) product as a white solid.  1H NMR 
(300MHz, CDCl3) δ1.27 (16H, m), 1.56 (4H, m), 2.50 (2H, q, J= 7.5), 3.63 (2H, t, J= 6.6). 
OH
OO
OO
Br
18-crown-6
K2CO3
acetone
85%
O
OO
OO
LiAlH4
 50%
O
OHHO
CBr4, PPh3
THF
O
THF
 76%BrBr
(13)
(14)
(DBMPB)  
Figure 58. Synthesis of DBMPB linker, adapted from published protocols.184-185 
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Synthesis of 1,3- di(bromomethyl)-5-propargyloxybenzene (DBMPB) 
1,3- di(bromomethyl)-5-propargyloxybenzene was synthesized in three steps from 
dimethyl 5-hydroxyisophthalate modified from previously published protocols.184-185 A portion of 
this material was converted to 15 by double SN2 displacement with β-mercaptoethanol. 
O
OO
OO  
(1) Synthesis of dimethyl 5-proparyloxy isophthalate (13). To a 3-neck flask was added 
dimethyl 5-hydroxyisophthalate (1.0 g, 4.8 mmol), 18-crown-6 (13 mg, 0.049 mmol), 
potassium carbonate (0.80 g, 5.8 mmol) and acetone (20 ml). Propargyl bromide (80 wt% 
in toluene, 0.63 ml, 5.8 mmol) was carefully introduced via syringe through one of the side 
necks of the flask before bringing the reaction to reflux under a nitrogen atmosphere 
overnight. Once reaction completion was confirmed via TLC (1:1 ethyl acetate: hexanes), 
heat was removed, and the reaction was filtered, washing with additional acetone. The 
filtrate was evaporated to dryness. Purification of the crude product was achieved via 
recrystallization from ethanol which yielded 1.0 g (85%) of product as a white crystalline 
solid. 1H NMR (300MHz, CDCl3) δ2.53 (1H, t, J= 2.4), 3.93 (6H, s), 4.77 (2H, d, J= 2.4), 
7.82 (2H, d, J= 1.5), 8.31 (1H, s). 
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O
OHHO  
(2) Synthesis of 1,3- dihydromethyl-5-proparyloxybenzene (14). NOTE: All glassware, 
including stir bar, was thoroughly dried in an oven and cooled in a desiccator prior to 
reaction set-up. To a 3-neck flask lithium aluminum hydride (0.57 g, 15.0 mmol) was 
added and immediately placed under nitrogen. Anhydrous THF (40 ml) was added via 
syringe and the flask was cooled on an ice bath. In a separate flask, anhydrous THF (10 
ml) was used to dissolve 13 (1.0 g, 4.0 mmol). This mixture was then added via syringe to 
the stirring 3-neck flask on ice. The reaction was stirred for approximately 20 minutes 
before replacing the ice bath with an oil bath and allowing the reaction to reflux overnight. 
The reaction cooled completely once no starting material remained according to TLC (1:1 
ethyl acetate: hexanes). The reaction was quenched by addition of a saturated ammonium 
hydroxide solution until H2 evolution ceased. HCl solution (1.0 M) was added until the pH 
reached 7. The reaction was then filtered, washing with THF, and the filtrate was 
evaporated to dryness. The crude product was recrystallized from 1:1 ethyl acetate: hexanes 
resulting in 384 mg (50%) of a white crystalline solid. 1H NMR (300MHz, CDCl3) δ2.51 
(1H, t, J= 2.4), 4.68 (4H, s), 4.71 (2H, d, J= 2.4), 6.92 (2H, s), 7.00 (1H, s). 
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BrBr  
(3) Synthesis of 1,3- di(bromomethyl)-5-propargyloxybenzene (DBMPB). A solution of 
triphenylphosphine (1.34 g, 5.1 mmol) dissolved in anhydrous THF (2 ml) was added via 
syringe to a solution of 1,3- dihydromethyl-5-proparyloxybenzene (384 mg, 2.0 mmol) and 
tetrabromomethane (1.69 g, 5.1 mmol) in anhydrous THF (8 ml). The reaction was stirred 
under nitrogen at ambient temperature for 30 minutes before evaporating to dryness. Flash 
chromatography on silica gel using dichloromethane as the eluent was performed followed 
by a second column to remove remaining triphenylphosphine oxide. The second 
purification employed a gradient of 0 - 4 % ethyl acetate in hexanes as the eluent. This 
produced 479 mg (76%) pure product as a white powder. 1H NMR (300MHz, CDCl3) δ2.54 
(1H, t, J= 2.4), 4.44 (4H, s), 4.71 (2H, d, J= 2.4), 6.94 (2H, d, J= 1.2), 7.05 (1H, s). 
O
SS
OHHO  
Synthesis of 2,2'-(((5-(prop-2-yn-1-yloxy)-1,3-phenylene)bis(methylene))bis 
(sulfanediyl))bis(ethan-1-ol) (15) 
2-mercaptoethanol (73.2 μl, 1.04 mmol, 2.2 equiv.) was added to a solution of DBMPB 
(150 mg, 0.472 mmol) and potassium carbonate (287 mg, 2.08 mmol, 4.4 equiv.) in anhydrous 
dichloromethane (2.0 ml) and stirred for 2 days at room temperature. The reaction was filtered, 
washing with dichloromethane, and the filtrate was evaporated. The crude product was purified 
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via column chromatography on silica using 10% hexanes in ethyl acetate as the eluent. The pure 
product was dried under vacuum to give an off-white pellet (66 mg, 45%). 1H NMR (300MHz, 
CDCl3) δ2.53 (1H, t, J= 2.4), 2.63 (4H, t, J= 6.0), 3.64 (4H, t, J= 6.0), 3.68 (4H, s), 4.70 (2H, d, 
J= 2.4), 6.84 (2H, d, J= 1.2), 6.92 (1H, s). 13C NMR (400MHz, CDCl3) δ34.35, 35.79, 55.84, 
60.42, 75.77, 78.35, 114.22, 122.60, 140.21, 157.91. HRMS (m/z): calculated: 312.0854; found: 
312.0823. 
NH2
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NO
O
HN
O
OH
H
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Boc
HN
O
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H2N
Boc
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1M NaOH
THF
10%
(PK)  
Figure 59. Synthesis of PK adapted from a previously published protocol.186 
Synthesis of propargyl lysine (PK) monomer 
Propargyl lysine was synthesized in two steps from Boc-(L)-Lys-OH adapted from a 
previously published protocol.186  
HN
O
OH
H
NO
O
Boc  
(1) Synthesis of Boc-propargyl–(L)-lysine (16). A solution of Boc-(L)-lysine-OH (6.0 g, 24.4 
mmol) was dissolved in NaOH (1.0 M, 60 ml) and THF (60 ml) and cooled to 0 ̊ C on an 
ice bath. Propargyl chloroformate (1.9 ml, 19.5 mmol) was added dropwise via syringe 
over 5 minutes. The ice bath was removed and the reaction was allowed to warm to room 
temperature and stir overnight. After cooling back down to 0 ̊ C, diethyl ether (200 ml) and 
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HCl (1.0 M, 200 ml) were added. The organic layer was extracted with ethyl acetate (3 x 
50 ml). The combined organic layers were dried over anhydrous sodium sulfate followed 
by evaporation of the solvent. This yielded a sticky, foamy residue that was immediately 
taken forward into the deprotection step. 
NH2
O
OH
H
NO
O
HCl
 
(2) Synthesis of propargyl-(L)- lysine (PK). Boc propargyl-(L)-lysine (5.33 g, 16.2 mmol) was 
dissolved in dry dichloromethane (50 ml) and trifluoroacetic acid (50 ml). The reaction 
was allowed to stir at ambient temperature for 1 hour before evaporation of the solvents 
resulting in a crude brown oil. Cold diethyl ether (150 ml) was poured over the product 
portion wise. The ether was then decanted into falcon tubes and centrifuged to collect the 
suspended white precipitate. The ether was decanted and the remaining white solid was 
dissolved in 1:1 water: acetonitrile and lyophilized. The lyophilized powder was re-
suspended in a 5 mM HCl solution (10 ml), frozen and lyophilized again to exchange 
remaining TFA salt with HCl. This process was repeated three times giving the product 
(370 mg, 10%) as a white flaky solid. 1H NMR (300MHz, D2O) δ1.50 (4H, m), 2.91 (1H, 
m), 3.16 (2H, t, J= 6.6), 3.82 (1H, t, J= 6.0), 4.67 (2H, s). HRMS (m/z): calculated: 
229.11828; found: 229.11877. 
3.6.4  Mixed Self-Assembled Monolayer Formation 
 Mixed alkanethiol self-assembled monolayers were prepared from a 1.0 mM total thiol 
concentration solution in ethanol that contained the desired ratio of individual alkanethiols (either 
 116 
decanethiol, 9-mercaptononanol, or 11-mercaptoundecanoic acid and 11-azidoundecanethiol). 
Substrates consisted of gold metal deposited on glass (Thermo Scientific BioGold substrates 
produced by Electron Microscopy Sciences), typically cut to size 1.9 cm x 1.3 cm for PM-IRRAS 
measurements and 0.5 cm x 0.5 cm for BAP bioactivity assays. Prior to SAM formation, substrates 
were cleaned via a 10 min sonication in ethanol followed by substantial washing with ethanol. 
After cleaning, the substrates were submerged into the mixed alkanethiol solution for 24 h at room 
temperature protected from light. The substrates were then taken out of the solution, rinsed 
thoroughly with ethanol, DCM, and water. Substrates for PM-IRRAS or contact angle analysis 
were dried under N2, covered with aluminum foil, and placed in a desiccator for at least 30 min 
prior to analysis. Samples not measured immediately were stored in a desiccator, protected from 
light exposure. 
3.6.5  Surface Copper Catalyzed Click Reactions with Small Peptides 
 A gold substrate bearing a mixed alkanethiol SAM was placed in a septa sealed 
scintillation vial under a bed of argon gas. To an epitube containing an aqueous solution of peptide 
alkyne (1.0 μmol), was added a bright blue solution of copper (II) sulfate (2.0 μmol, 2 equiv.; 12.5 
μl of a 160 mM stock in water) and tris-hydroxypropyltriazolylmethylamine (THPTA) (2.0 μmol, 
2 equiv.; 54.3 μl of a 36.8 mM stock in water). This solution was vortexed and added via syringe 
into the argon purged vial. Fresh sodium ascorbate (4.0 μmol, 4 equiv.; 39.6 μl of a 100 mM stock 
in water) was added via syringe to the vial and swirled (total reaction volume 1200 μl). The 
reaction was allowed to sit at room temperature, covered from light overnight. The reacted 
monolayers were rinsed with water and sonicated for 10 min in a 1.0 M solution of EDTA in water 
(10 ml). The gold slides were rinsed with water again, then sonicated in water for 30 min. The 
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slides were then rinsed with water and ethanol followed by a final sonication for 10 min in ethanol. 
Finally, the SAMs were washed with water and dried with a stream of N2. Samples were stored in 
a vacuum desiccator, protected from light exposure until measurements were completed.   
3.6.6  Surface Copper Catalyzed Click Reactions with BAP Enzymes 
K39PK BAP surfaces were prepared by placing a mixed alkanethiol SAM into an eptiube 
containing the following reaction mixture (500 μl) added in the indicated order: 0.5% wt/v BSA 
solution, BAP enzyme (0.5 nmol), then copper sulfate (0.8 μmol,; 5.2 μl of a 160 mM stock in 
water) and THPTA (0.8 μmol,; 22.6 μl of a 36.8 mM stock in water). Sodium ascorbate (1.7 μmol,; 
16.5 μl of a 100 mM stock in water) was added last and argon gas was blown over the epitube 
before sealing. The reaction was allowed to sit at room temperature, covered from light, overnight. 
The reacted monolayers were rinsed with water and sonicated for 30 min in 0.4 M Tris HCl buffer 
with 10 mM MgCl2 (pH 8.2, 1 ml). This buffer was then exchanged for fresh buffer and the 
surfaces were sonicated for another 30 min.  
3.6.7  Contact Angle Goniometry 
 Substrates for contact angle measurements were made by Nathaniel Miller. Silicon oxide 
substrates were purchased from Fisher Scientific and used after UV ozone cleaning. A 10 nm 
titanium adhesion layer with a 100 nm gold surface were deposited via evaporation from 0.9999 
pure ingots using a Plassys electron beam evaporator model MEB550S. Evaporation conditions 
used were a chamber pressure of 1 x 10-7 mBarr and an evaporation rate within 10 percent of the 
desired deposition rate set point, 0.02 nm/s for titanium and 0.05 nm/s for gold. Additionally, 
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substrates were rotated at 1 rpm to enhance film uniformity. Once completed substrates were stored 
under vacuum to limit contamination until use.  
Self-assembled monolayers were formed on these silicon-gold substrates using the same 
procedure for forming mixed SAMs, detailed above. Water contact angles were determined on a 
VCA Optima from AST Products, Inc. at room temperature. Contact angles were measured from 
sessile drops of 18 Ω water by lowering 2 μl drops suspended from a blunt tip syringe onto the 
surface. Error bars represent the average of three drops measured on each substrate.  
3.6.8  Circular Dichroism 
CD measurements were performed on an Olis DSM17 circular dichroism 
spectrophotometer. Scans were performed at 20 °C from 200 to 260 nm with 1 nm increments, a 
bandwidth of 2 nm, and a 5 s integration time. Cells with a 2 mm path length were used. Peptide 
solutions (50 μM as determined by UV absorbance) were prepared in 10 mM phosphate buffer (pH 
7.0).  
Thermal melts of peptides 11-ox and 12 were collected with 1 increment from 220 to 260 
nm with a 3 s integration time. Data was recorded every 2 °C from 4-98 °C after a 2 min 
equilibration time at each temperature. Cells with a 2 mm path length were used. Peptide solutions 
(50 μM as determined by UV absorbance) were prepared in 10 mM phosphate buffer (pH 7.0).  
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3.6.9  Solution Fourier Transform Infrared Spectroscopy 
Spectra were collected on a Bruker Vertex-70LS FTIR that was purged with N2 gas for at 
least 30 min prior to taking measurements. A liquid cell with CaF2 windows and a 50 μm spacer 
was assembled. The empty cell was used as the reference. The cell was thoroughly cleaned with 
methanol and dried with N2 before each measurement. Lyophilized peptide powder was exchanged 
three times by adding 5 mM HCl solution in water (1 mL × 3) and lyophilizing to remove 
interfering TFA salts. Peptide solutions (∼5 mg/mL in D2O) were measured with 1000 scans, a 3 
mm aperture, and a resolution of 4 cm−1 collected over a range of 500−4000 cm−1. Raw data for 
each sample were collected as a transmission spectrum, corrected by subtraction of a blank (D2O) 
transmission spectrum, converted to absorption, and smoothed. 
3.6.10  Polarization-Modulated Infrared Reflection−Absorption Spectroscopy 
PM-IRRAS spectra were collected on a Thermo Fisher Nicolet iS50 FTIR spectrometer 
equipped with a liquid nitrogen cooled MCT-A detector. The interferogram was automatically 
aligned using the “align” function prior to collection. The physical sample alignment was found to 
be highly important for collection of high quality and reproducible spectra. Gold substrates were 
attached to a glass microscope slide using double-sided copper tape and the slide was aligned using 
the rotation, tilt, and mirror adjustment levers so that the interferogram intensity was maximized 
in “sum” mode (rough max of 5.0-6.5). (NOTE: This max value may be hard to reach until the box 
is fully purged with nitrogen). The gain is chosen by looking at the “dual channel polarization 
modulation window”; the input gain should be maximized at 10 and the output gain (typically 1 
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or 2) was chosen by picking a gain value that maximizes channel B, without overtaking the 
maximum of channel A. 
 PM-IRRAS spectra were collected with a 30 min acquisition time (3000 scans) and a 
resolution of 4 cm−1 at an incidence angle of 80°. The PEM wavelength was centered at either 
2100 cm−1 or 1600 cm−1 to get enhanced signal in the azide and amide region, respectively. The 
step size was 0.5 λ. Atmospheric correction was applied to all spectra. Baseline correction was 
carried out using the previously reported arPLS method.172 A lambda smoothness parameter of 106 
and a polynomial order of 3 was used. Regions of interest, where the baseline is expected to have 
no signal, were defined as [960, 1031], [1248, 1256], [1285, 1295], and [1750, 2800].  
3.6.11  Bacterial Alkaline Phosphatase (BAP) Activity Assay 
BAP exposed surfaces were placed in a 24-well plate containing 0.2 M Tris HCl buffer 
with 5 mM MgCl2 (pH 8.2) and 10 mM PNPP substrate (1.5 mL per well). The plate was covered 
with foil to limit light exposure and lightly swirled for 6 hours. Aliquots of 25 μl from each well 
were removed every 30 min and placed in a 384 well plate (Corning, flat white with clear bottom). 
After a 5 second shake, the absorbance at 405 nm of each well was recorded on a Tecan infinite 
M1000Pro plate reader. The pathlength of the well was determined by measuring the absorbance 
of the assay buffer with 10 mM PNP in a plastic cuvette with a 10 mm pathlengh at 975 nm and 
900 nm and performing a subtraction of A975cuvette- A900cuvette to yield a K-factor reference value of 
0.1773. Assay buffer with 10 mM PNP (25 μl) was then added to 3 wells and the average 
absorbance at 975 nm and 900 nm was obtained. Well pathlength was then calculated via the 
equation: pathlength = [A975well- A900well/K-factor]*10 mm, following a known protocol.187 
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Reaction velocity was calculated by dividing the slope of the Absorbance405 nm vs. time by the 
extinction coefficient of PNP (18000 M-1 cm-1) multiplied by the pathlength (1.8 mm). 
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Appendix A : Supporting Information for Chapter 2 
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Figure 60. 1H NMR spectrum of compound 1. 
 
 
 
 
 
 
 
 
 
 
1H NMR, 300MHz 
 123 
 
 
 
       
NO2 H
N
O
CO2Me
 
 
          
 
 
 
 
Figure 61. 1H NMR spectrum of compound 2. 
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Figure 62. 1H NMR spectrum of compound 3a. 
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Figure 63. 1H NMR spectrum of compound 3b. 
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Figure 64. 1H NMR spectrum of compound 4a. 
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 Figure 65. 1H NMR spectrum of compound 4b. 
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 Figure 66. 1H NMR spectrum of compound 5a. 
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Figure 67. 1H NMR spectrum of compound 5b. 
 
 
 
 
 
 
 
 
 
 
 
1H NMR, 300MHz 
 130 
 
 
 
 
           
HN-Fmoc
N
OiBu
CO2H
 
          
 
 
 
 
Figure 68. 1H NMR spectrum of compound 6a. 
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 Figure 69. 1H NMR spectrum of compound 6b. 
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Figure 70. 1H NMR spectrum of compound 7a. 
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Figure 71. 1H NMR spectrum of compound 7b. 
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Figure 72. 1H NMR spectrum of compound 8. 
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Figure 73. 1H NMR spectrum of foldamer 8.  
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Appendix B : Supporting Information for Chapter 3 
 
Figure 74. Representative PM-IRRAS spectra of mixed monolayers resulting from various deposition solution 
fractions of AZT with background alkanethiol (A) MN and (B) MUA. 
 
Figure 75. Representative PM-IRRAS spectra for mixed DT:AZT and MN:AZT surfaces displaying the CH2 and 
azide regions after copper-catalyzed click reactions were performed. High density surfaces are those with a surface 
AZT fraction above the steric limit (0.70 mole fraction) and low density surfaces are those below 0.20 surface mole 
fraction AZT. 
A B 
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Figure 76. Representative images of 2 μl water droplet used to determine contact angles on mixed SAMs containing 
AZT and DT. The mole fraction of DT used in the deposition solution for each SAM is indicated in the top right 
corner of the image. 
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Figure 77. Representative images of 2 μl water droplet used to determine contact angles on mixed SAMs containing 
AZT and MN. The mole fraction of MN used in the deposition solution for each SAM is indicated in the top right 
corner of the image. 
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Figure 78. Representative images of 2 μl water droplet used to determine contact angles on mixed SAMs containing 
AZT and MUA. The mole fraction of MUA used in the deposition solution for each SAM is indicated in the top 
right corner of the image. 
 
Figure 79. Representative image of 2 μl water droplet used to determine the contact angles on an AZT SAM. The 
mole fraction of AZT used in the deposition solution is indicated in the top right corner of the image.  
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Figure 80. 1H NMR spectrum of compound 9. 
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Figure 81. 1H NMR spectrum of compound 10. 
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Figure 82. 1H NMR spectrum of compound 11. 
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Figure 83. 1H NMR spectrum of AZT. 
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Figure 84. 1H NMR spectrum of compound 12. 
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Figure 85. 1H NMR spectrum of MN. 
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Figure 86. 1H NMR spectrum of compound 13. 
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Figure 87. 1H NMR spectrum of compound 14. 
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Figure 88. 1H NMR spectrum of DBMPB. 
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Figure 89. 1H NMR spectrum of PK. 
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Figure 90. 1H NMR spectrum of compound 15. 
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Figure 91. 13C NMR spectrum of compound 15. 
13C NMR, 400MHz 
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Appendix C : Python Code for PM-IRRAS Baseline Correction 
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